
Study Unit

Small and Large
Animal Nursing, 
Part 1
By

Johnny D. Hoskins, D.V.M.

Reviewed by

Lori Renda-Francis, L.V.T., Ph.D.



About the Author

Dr. Johnny D. Hoskins received his D.V.M. degree from Oklahoma
State University. He completed a small-animal internship and received
his Ph.D. in veterinary pathology at Iowa State University. Dr. Hoskins
is a well-recognized national and international lecturer on many
clinical practice-related topics in small-animal internal medicine.

About the Reviewer 

Dr. Lori Renda-Francis is a licensed veterinary technician and pro-
fessor and program director of the veterinary technology program at
Macomb Community College in Clinton Township, Michigan. She
has been teaching in the veterinary technician program for more
than 28 years.

Dr. Francis graduated from the veterinary technician program at
Macomb College. She holds a bachelor’s degree in business admin-
istration, a master’s degree in education, and she received her
Ph.D. in organization management with a specialization in leader-
ship from Capella University. Dr. Francis is the co-chair of the
NAVTA Veterinary Assistant Approval Program.

Figures 5, 6A–B, 7A–D, 8–10, 11A–I, 12, 13A–F, 15, 16A–D, 17A–E, 23–24,
25A–C, 26A–D, 27A–G, 28–33, 34A–H, 39, 40, 41A–H, 42A–42B, 42D, 46,
47A–C, 48A–C, courtesy of VCA Lewis Animal Hospital, Columbia, MD.

Figures 2–3, courtesy of Airpark Animal Hospital, Westminster, MD.

Figure 35, 36, 38 courtesy of VetSmart Pet Hospital and Health Center,
Columbia, MD.

Figures 19, 20, 37 courtesy of Cappy Jackson.

Copyright © 2012 by Penn Foster, Inc.

All rights reserved. No part of the material protected by this copyright may be
reproduced or utilized in any form or by any means, electronic or mechanical,
including photocopying, recording, or by any information storage and retrieval 
system, without permission in writing from the copyright owner.

Requests for permission to make copies of any part of the work should be 
mailed to Copyright Permissions, Penn Foster, 925 Oak Street, Scranton,
Pennsylvania 18515.

Printed in the United States of America

2/3/14

All terms mentioned in this text that are known to be trademarks or service 
marks have been appropriately capitalized. Use of a term in this text should not be
regarded as affecting the validity of any trademark or service mark.



As a veterinary assistant, you’ll help the veterinarian and
hospital staff with the total health needs of animals. This
support includes both general care and specific medical
treatment. The range of your responsibilities will vary, but
regardless of your position, you must be familiar with the
concerns and procedures of animal nursing.

Since veterinary assistants typically spend more time with the
animal than veterinarians do, one of the largest contributions
you’ll make as an animal’s nurse is in the area of monitoring.
You’ll observe the animal’s habits and behaviors, and bring any
changes that may suggest clinical problems to the veterinarian’s
attention. Your observations become an important information
source in the animals’ diagnostic and therapeutic care.

To observe effectively, you must understand that many clinical
problems can change rapidly. You must depend on a reliable
system that ensures care geared to an animal’s total health
needs. At times, you’ll also be responsible for performing diag-
nostic or therapeutic procedures and monitoring results that
may require change in the animal’s care. This study unit will
help you prepare for all these tasks.

iii

P
r

e
v

ie
w

P
r

e
v

ie
w

When you complete this study unit, you’ll be
able to 

• Explain the veterinary assistant’s role in routine care,
feeding, medication, and observation procedures for
hospitalized animals

• Identify and describe the requirements, routes, procedures,
and concerns of fluid administration

• Identify and describe the most common procedures used
in veterinary sample collection and diagnosis
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YOUR ROLE IN ANIMAL 
NURSING CARE

As a veterinary assistant, your nursing responsibilities will
largely consist of routine care, feeding, and observation of
hospitalized animals. You’ll often be an animal’s first line 
of defense. You’ll detect clinical problems that involve food
and water intake, elimination habits, and other behavioral
changes. These changes should be brought to the veterinarian’s
attention (Figure 1).

Small and Large Animal
Nursing, Part 1

FIGURE 1—Your care and
observation may mean
the difference between
life and death for a 
hospitalized animal. 

READING
ASSIGNMENT

Please read Chapter 12
in Textbook for the
Veterinary Assistant.
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A clinical problem is anything that interferes with the animal’s
well-being, or anything that requires diagnostic evaluation 
or treatment. Diarrhea, vomiting, complete or partial loss of
appetite, and difficulty in breathing are examples of clinical
problems you should be able to recognize. Your observations
become an important source of information in the animal’s
diagnostic and therapeutic care.

Before performing any diagnostic or therapeutic procedures, the
veterinarian must recognize a clinical problem. If, for example,
an animal’s water intake appears to increase, the veterinary
assistant should accurately measure, record, and report the
amount of water consumed in 24 hours. To maintain the base-
line for observation and protect the practice, the veterinary
assistant must always consult the veterinarian before making
any changes to an animal’s diagnostic or therapeutic care.

Never forget that the quantity and nature of nursing care an 
animal receives is for the individual animal. One animal 
may readily accept a diagnostic or therapeutic procedure 
that another animal may resist to the point that the intended
benefit is lost. Excessive intervention may be detrimental to
some animals. Other animals require a great deal of attention
and affection simply to maintain their will to live during their
separation from their owners.

The hospital staff should establish and maintain consistent
standards for nursing care. They have a professional and
moral obligation to every animal to provide the following:

• An environment as clean, comfortable, and stress-free 
as possible

• Food and water at all times, unless restricted for medical
reasons

• Adequate exercise and grooming care, unless restricted
for medical reasons

• Prompt and humane pain relief

• Humane treatment of every animal at all times

• Individual cleaning to keep every animal dry and free of
urine and feces, unless restricted for medical reasons
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Routine Care and Observation of
Hospitalized Animals

Much of your role as a veterinary assistant is likely to involve
caring for and monitoring the condition of animals in the vet-
erinary hospital. Activities such as bathing, grooming, and
exercising hospitalized animals, as well as carefully maintain-
ing their medication records, all fall under the heading of
routine care. Because many hospitalized animals aren’t
ambulatory, a separate area of concern is
caring for recumbent animals (those lying
down and unable to rise).

Routine animal care requires the following
equipment and supplies:

• Adequate bathing and grooming areas
for both small and large animals
(Figure 2)

• Adequate grooming and bathing 
equipment and supplies, such as
combs, brushes, scissors, towels, 
electrical dryers, and shampoos

• Clean bedding

• Clean water and food in accessible con-
tainers

• Daily medication orders for all hospital-
ized and recumbent animals

• Adequate-sized kennels and exercise
areas for small animals

• Adequate-sized pens or stalls for large
animals

• Adequate supply of bandages, tape, and ointments for
general wound care

• Thermometers, stethoscopes, and other equipment 
for daily general examination of hospitalized and
recumbent animals

FIGURE 2—A Grooming Area
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Cleanliness and Animal Care

The optimal means of keeping an ambulatory animal clean is
by the appropriate use of bedding and exercise areas. Several
types of bedding are routinely used for dogs and cats. They
include newspaper, other types of paper products, blankets, and
towels. The selected bedding material must be either disposable
or readily and effectively cleaned between uses.

Since animals occasionally ingest their bedding, the selected
material must also be safe and nontoxic. Most dogs and cats
are extremely reluctant to urinate or defecate in their cages,
so regular use of exercise areas will help to keep both cage
and animal clean.

Generally, cats are easier than dogs to keep clean during
periods of hospitalization. Unless they’re seriously ill, cats
use their litter pans and groom and clean themselves. Litter
should be changed daily and pans or trays should be either
disposable or constructed of materials that allow thorough
cleaning and disinfecting between uses. Placing cats in exer-
cise areas isn’t needed, unless the hospital stay is unusually
long (Figure 3).

Grooming, bathing, and general cleanliness are important
aspects of routine animal care for several reasons. First, a
clean and well-groomed animal has an enhanced sense of
well-being and is likely to recover from an illness more rapidly.
Second, a clean and comfortable animal is much less likely 

FIGURE 3—Cats in a 
hospital ward generally
don’t need to be placed 
in an exercise area.
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to develop skin problems or bed sores from urine scalding
and fecal soiling, which can become another clinical problem.
Third, grooming and medicated baths can prevent or treat
many skin diseases. Finally, discharging a clean animal
reflects well on the practice’s overall health care.

Exercise

Moderate exercise benefits an animal’s general care. It’s the
simplest, most basic form of physical therapy. It improves
muscle tone and strength, and can help reduce fluid collecting
under the skin (peripheral edema). To prevent injury and death,
exercise animals in a secure, controlled, and safe environment.
Animals with respiratory, cardiovascular, and musculoskeletal
problems may need restricted exercise. Exercise restrictions
should be imposed by the veterinarian. You should always
ask the veterinarian before exercising the animal.

Medication Records

As a veterinary assistant, you must record any medication 
you administer (drug, dose, route of administration, and time
administered) completely and accurately in the animal’s medical
record. Record the notation immediately after administering 
the medication, and sign or initial each entry. Follow this proce-
dure consistently to ensure that treatments are performed and
not repeated. Remember that a well-kept medical record both
improves the animal’s care and protects the practice. A med-
ical record is a legal document, and every treatment should
be recorded in case of subsequent litigation.

Routine Care and Observation of
Recumbent Animals

The animal that will require most of your attention is the
recumbent, cage-confined animal. This animal’s rehabilitation
or recovery depends on its individual care. Enthusiastic
nursing care and lots of love make a real difference. Many
animals also have special rehabilitative needs. A veterinary
assistant has the responsibility to recognize and attend to
these needs. A physical therapy program may be needed to
expedite the recovery period.
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Recumbent Animals and the Personal Touch

Recumbent animals must have the desire to recover. The first
step in rehabilitation is to show interest in and compassion for
the animal. Personal touching (with warm hands) and talking to
the animal is extremely important. Always relate to the animal
as a best friend. To establish this relationship, address the ani-
mal by name, speaking in a pleasant tone. The personal touch
also extends to the animal’s exercise. Personally supervise its
exercise periods, and when possible take the animal outdoors
two to three times daily to defecate and urinate.

Recumbent Animal Urinary and Bowel Habits

Many recumbent animals retain excessive amounts of urine
in their urinary bladder. To prevent urine scalding and urinary
tract infections, take careful note of the animal’s urinary
habits. Scalding is irritation of the skin cause by frequent
wetting with urine.

The urinary bladder should be completely emptied three 
to four times daily. Manual expression of the urinary bladder
through the abdominal wall works with most females. Manual
expression is using physical pressure on the bladder to 
stimulate urination. Manual expression of the urinary bladder
isn’t easily accomplished in males, who may require catheters.
Concentrated, bloody, or odorous urine should be brought 
to the veterinarian’s attention so it can be analyzed and 
cultured for bacteria.

Recumbent Animal Cleanliness

Cleanliness is extremely important and can be especially 
challenging with recumbent animals, who may suffer fecal 
and urinary incontinence. Much of your effort will be to prevent
decubital sores (bed sores) over prominent bony regions of the
animal’s body. Decubital sores heal very slowly and can quickly
become infected. Preventing and managing decubital sores
and scalding are extremely important aspects of recumbent
animal care.
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Animals suffering various neurologic or orthopedic problems
can be recumbent and require special care for a long time.
The longer an animal is recumbent, the greater the risk 
for decubital sores and scalding. Both complicate recovery.
Fortunately, a light coating of petroleum jelly on susceptible
perineal or inguinal areas can prevent scalding.

Decubital sores develop over bony prominences as the result
of continuous pressure and damage to the overlying skin.
These sores not only complicate recovery, but also can trigger 
systemic and life-threatening bacterial infection. The best
treatment for decubital sores is prevention. Padded rings 
or “donut” bandages protect the bony areas most prone to
decubital ulcers.

Veterinary professionals advocate various bedding types to
reduce decubital-sore frequency and severity: air or water
mattresses, foam padding, synthetic fleeces, grids or grates,
and straw. The bedding material should either be disposable
or have an impermeable surface that doesn’t retain moisture
or bacteria and can be thoroughly cleaned. Many impermeable
surfaces keep urine and moisture in contact with the skin,
which can increase the problem. Keep the animal’s coat and
skin surface clean and dry, and turn the animal every two 
to three hours.

Other routine measures that help to prevent decubital sores
include turning the animal frequently, using slings or carts
intermittently to prevent continuous pressure over the bony
prominences, and bathing the animal frequently to keep 
the skin clean. Should decubital sores develop, clean them
thoroughly with a surgical scrub solution, then completely
dry the area. Monitor and report their condition to the 
veterinarian, who may decide to remove necrotic (dead) 
tissue surgically.

Soaking the affected area two to four times daily with a mild
astringent solution helps to keep the decubital sore dry.
One part aluminum acetate to 40 parts water (known as
Burrow’s solution) provides the appropriate astringency.
Apply a thick, clinging ointment such as zinc oxide to 
protect the area from irritation.
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Ideally, the area of the decubital sore should be padded to pre-
vent further pressure injury, but the decubital sore itself should
remain exposed to the air so that it doesn’t retain moisture. 
One way of accomplishing this is to fashion a “donut” from foam
rubber and to fix this to the skin by means of adhesive tape.
Unfortunately, it’s difficult to maintain these pads in the proper
location for long periods of time. Topical antibiotic agents should
be applied judiciously.

The Recumbent Animal and Hydrotherapy

Hydrotherapy is the external use of water to treat an injury
or disease. Hydrotherapy improves a recumbent animal’s
general condition because it cleanses, improves circulation,
decreases decubital sore development, and promotes healing
of decubital sores. Make sure you dry the animal completely
after any bathing or whirlpool therapy.

The Recumbent Animal and Nutrition

Good nutrition is essential for the recumbent animal. Forced
feeding and watering might be needed if the animal refuses or is
unable to eat and drink.

Discharging the Recumbent Animal

The veterinary assistant plays a vital role in the rehabilitation
and recovery of recumbent animals by providing high-quality
nursing care, physical therapy, and owner education and
communication. The animal should, however, be discharged
from the hospital as soon as possible. Familiar surroundings
enhance the animal’s sense of well-being and security and
thereby speed its recovery. Demonstrate the animal’s therapy 
to its owner to make sure the owner understands how to
administer it. Stress to the owner that maintaining the 
treatment schedule is important to prevent a relapse. Provide
the owner with complete, written home-care instructions con-
cerning diet, exercise, medication, treatment schedule, and
expected urinary and bowel habits. Call the owner frequently to
monitor the animal’s condition at home. Many animals will need
to return to the hospital for additional checkups and treatment.
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Always make sure that all medications, regardless of whether
used in the hospital or dispensed for use at home, are labeled
correctly. The dispensing label information should include the

• Complete name of the medication

• Size or concentration of the medication

• Number of tablets or capsules or milliliters of medication
that’s dispensed

• Dosage and frequency of administration

• Name of the owner and the animal or, more commonly,
the name of the animal and the owner’s last name (for
example, Fluffy Smith)

• Name of the hospital

If potentially toxic drugs are dispensed, childproof containers
should be used, as determined by state and federal regulations.

The Isolation Ward

Sometimes, animals with contagious diseases—for example, 
a dog or horse with viral or bacterial diarrhea—must be 
hospitalized. An adequate isolation ward or designated area
should be available for such animals. The ideal isolation
ward affords the same quality of care an animal would
receive in an intensive care unit. It has one entrance and
exit, with proper hospital disinfectant and clothing protection
available. Its ventilation system is separate from the rest of
the hospital and is climate-controlled. It’s supplied much like
the rest of the hospital, but all equipment and supplies
remain in the isolation ward and are considered contaminated. 

To help contain the contagion, as few people as possible should
treat and handle contagious animals. Barring emergencies
that require outside treatment, the animals should be kept
and treated only in the isolation ward.

Equipping the Isolation Ward

The equipment and supplies needed for routine care of isolation
ward animals are as follows:
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• A variety of good-quality food, in types and flavors 
appropriate for the animal species in the isolation ward
(whether dogs, cats, birds, horses, ruminants, or swine)

• Appropriate feeding and water utensils for the animals
that are isolated 

• Measuring equipment and scales for daily weighing of
animals and food (to ensure correct feed amounts and 
to determine exact food intake)

• Routine hospital disinfectant and containers for disposing
animal waste, including bedding and spent supplies

• Sample containers designed to collect and test blood,
urine, feces, and hair

• Medications (such as tablets, liquids, and capsules), a
variety of sterile fluid solutions, and fluid and blood
administration sets

• Plastic tubing in several sizes for gastric or nasogastric
intubation, and assorted sizes of urinary catheters (tubes
inserted into the bladder to drain urine)

• Various medicating equipment, such as syringes and
needles, pilling forceps, balling guns, dose syringes,
speculum devices, and infusion fluid pumps

• Stethoscope, thermometer, bandage equipment

Clothing in the Isolation Ward

To protect isolation ward personnel from contagious disease
and to confine the contagion, anyone entering the isolation
ward should be properly clothed. This includes wearing shoe
coverings that can be removed and dipped in disinfectant
upon exiting the isolation ward. Isolation ward personnel
should always wear a protective surgical gown (or similar
protective wear) and disposable gloves. Protective gear should
never leave the isolation ward except for disposal or washing.
Some contagious diseases may warrant protective eyewear
and a surgical mask.
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Disinfectants, Sterilization, and 
Antiseptics in the Isolation Ward

Disinfectants are agents that destroy disease-producing
microorganisms or inactivate viruses. Sterilization is the 
complete destruction of living organisms. Antiseptics are agents
that destroy most organisms but can be used on intact skin. 
Not surprisingly, all three play a role in the isolation ward.

Disinfectants are chemical agents applied to inanimate objects
to destroy most bacteria (except for the spore-forming bacteria).
Disinfectants capable of destroying bacteria and viruses may
be used as chemical sterilizers, but under no circumstances
should disinfectants be applied to human or animal skin. 
You should always wear protective gloves and clothing when
you use disinfectants, which can irritate the skin and be
toxic to the body. Disinfectants are used to clean cages,
floors, walls, and the shoe coverings worn in the isolation ward.
(Prepare a dipping solution for shoe coverings daily by mixing
water and a commercial hospital disinfectant according to the
label’s instructions.)

Antiseptics are used to prevent the spread of disease transmitted
by the hands. Make sure you wash your hands thoroughly
with a good antiseptic soap before you leave the isolation ward.

Sterilization destroys all disease-producing organisms and their
spores that may have contaminated equipment or materials.
Methods of sterilization and disinfection can be divided into
two groups: physical and chemical. The most widely used
and accepted method of physical sterilization is the use of
saturated steam under pressure. This method is limited 
to use on materials, clothing, and equipment that aren’t
damaged by heat or moisture and are penetrable by steam.
Sterilizers that employ steam under pressure as the sterilizing
agent are called autoclaves. Figure 4 shows two different
types of autoclaves that may be used to sterilize materials 
or equipment. This method works only when used properly.
Materials must be thoroughly clean and free from grease, oil,
or protein materials. The practical and reliable way to ensure
that sterilization has occurred during the autoclaving process
is through the use of dependable sterilization indicators such
as autoclave tape or chemical sterilization indicators.
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Chemical sterilization is the use of liquid or gaseous chemicals 
to achieve sterilization. Ethylene oxide (a simple cyclic ether)
is a chemical agent that can be used for gaseous sterilization.
This is a good sterilization method for objects that could be
damaged by heat and/or water. However, it’s toxic and irritating
to skin and mucous membranes and must be used with care.
The sterilization and disinfection methods veterinarians use may
depend on their past experience. Regardless of the method used,
contaminated clothing, equipment, bedding, and materials must 
be properly disinfected, sterilized, or disposed of, and are always
washed separately from those in the rest of the hospital.

FIGURE 4—Autoclaves use steam pressure to sterilize materials and equipment.
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Prescription Diets

Preparing Prescription Diets

You’ll play a crucial role in ensuring that each hospitalized
animal maintains a caloric intake that exceeds bodily needs.
Your role enables you to monitor the animal’s appetite and
take immediate corrective action when a nutrition problem
arises. Sometimes, the problem is as simple as a need for
more palatable food. You’ll find it easier to determine what’s
“more palatable” if you know what the animal eats at home.
Other situations may call for the owner to prepare food at
home and bring it to the hospital.

A well-prepared veterinary “kitchen” includes

• A variety of good-quality food types and flavors for dogs
and cats, such as canned, semimoist, and dry food

• A variety of prescription diets for dogs and cats

• Good-quality feed for large animals, as needed

• Appropriate feeding utensils and supplies for dogs, cats,
and large animals

• Measuring equipment and scales for weighing food

High-calorie density supplements, like Clinicare or Nutri-Cal,
may help meet an animal’s caloric requirements. However,
these alone won’t meet the animal’s daily nutritional require-
ments. Prescription diets are more likely to supply the dog’s
or cat’s specific nutritional needs. Regardless of whether fed
regular dog or cat diets or prescription diets, hospitalized 
animals should eat two to four times daily.

Feeding the Hospitalized Animal

Personalized attention at feeding time will increase food intake
for most dogs and cats. Hand feeding is usually sufficient,
but some cases may require forced feeding two to four times
daily. Forced feeding consists of manually placing boluses of
food in the caudal pharynx to stimulate the swallowing reflex. If
an animal requires forced feeding for an extended period, the
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veterinarian may prefer gastric gavage (stomach tube feeding)
because it’s less stressful to the animal and to the hospital
staff. Specially tailored complete diets may be administered
through this route two to four times daily to ensure adequate
delivery of nutrition to an animal in various disease states.

Feeding large animals is very different from feeding small 
animals. You may need to stock many feed types for the 
different large-animal species. The feed types depend on 
the large-animal species the veterinary practice treats. For
example, a hospital whose large-animal clientele is mostly
horses must stock an adequate supply of appropriate good-
quality feed, such as alfalfa hay and horse feed pellets. The
same applies to other large-animal species. But regardless of
whether the animal you’re attending is large or small, always
pay close attention to the animal’s appetite, or loss of it, and
make sure the animal receives the required caloric and nutri-
tional intake. An animal’s loss of appetite should be identified 
and reported immediately to the veterinarian.

Congratulations! You’ve completed the first section of this
study unit. You can see that your role in animal nursing 
care is bound to be diverse. You may be changing bedding,
disinfecting shoe covers, determining what kind of food an
animal likes, or instructing owners about proper follow-up
care. Before moving on, take a moment to review what you’ve
just learned by completing Self-Check 1.
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Self-Check 1
At the end of each section of Small and Large Animal Nursing, Part 1, you’ll be asked to
pause and check your understanding of what you’ve just read by completing a “Self-Check”
exercise. Answering these questions will help you review what you’ve studied so far.
Please complete Self-Check 1 now.

1. True or False? An important reason to keep a hospitalized animal clean and well-groomed is 
to boost the animal’s self-image.

2. An agent used on the hands to prevent the spread of transmittable diseases is a/an

a. disinfectant. c. autoclave.
b. antiseptic. d. sterilizer.

3. True or False?  Decubital sores should be kept covered to prevent infection.

4. What function does an autoclave perform?

__________________________________________________________

5. Exercising hospitalized animals can help prevent fluid accumulation under the skin known as
_______.

6. List three examples of clinical problems you may encounter while caring for an animal in 
a veterinary practice. 

__________________________________________________________

__________________________________________________________

7. True or False? A recumbent animal’s urinary bladder should be completely emptied three 
to four times a day.

8. How many times a day should a hospitalized animal eat? 

__________________________________________________________

9. True or False? Cats in a hospital ward generally don’t need to be placed in an exercise area.

10. Chemical agents that destroy bacteria and viruses and aren’t safe to use on skin are 
called _______.

Check your answers with those on page 129.
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ADMINISTERING MEDICATION
AND FOOD

Oral Medications

Oral administration is one of the most 
convenient methods for animal owners 
and veterinary personnel to administer
medications. Tablets and capsules are 
economical and provide accurate, uniform
doses. Oral liquids are even more convenient
if the dose is accurately measured and the
animal accepts it. A syringe can provide an
accurate dose (Figure 5).

Oral administration offers the additional
advantage of reduced risk of infection or

abscess caused by faulty injection technique. Disadvantages of
the oral route include the potential for inhaling liquid med-
ications into the lungs, and the potential for the animal to spit
out the medication so that the prescribed dose isn’t absorbed.
Various digestive factors mean that even accurately dosed med-
ication may be inadequately absorbed in the small intestine,
altering the expected therapeutic response.

To have all oral administration options at its disposal, a 
veterinary practice needs

• Three forms of oral medications (liquids, tablets, 
and capsules)

• Special equipment for delivery of the medication, such 
as regular syringes, pilling forceps, balling guns, dose
syringe, eyedroppers, and speculum devices

The easiest technique to learn and to teach owners is orally
administering liquid medication, as shown in Figures 6A 
and 6B. Use a syringe or small prescription bottle to measure
an accurate dose. The following steps are used to administer oral
medications.

FIGURE 5—A syringe can be used to measure
the amount of medication to be given.
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Step 1: Once the dose is ready, form a pocket by gently
pulling out the animal’s lower lip at the corner of
the mouth (Figure 6A). Pour small amounts of 
liquid into this pocket.

Step 2: Tilt the head so that the nose aligns horizontally
with the eyes (Figure 6B). Any greater angle of the
head may make it difficult for the animal to swallow.

FIGURE 6A—Gently pull
out the animal’s lower 
lip at the corner of the
mouth. Pour small
amounts of liquid 
into this pocket. 

FIGURE 6B—Tilt the head
so that the nose aligns
horizontally with the eyes. 



Small and Large Animal Nursing, Part 118

For large animals, the easiest and most convenient method
is oral paste: granules and powders that can be mixed into
the animal’s feed. Less desirable are drugs formulated for
mixing in the animal’s drinking water, because water con-
sumption is highly variable and unpredictable. Water mixes,
however, may be the only economically feasible method for
treating large numbers of sick animals in flocks or herds.
Medicated drinking water has also proven to be the least
stressful method of medicating small birds.

Hand-Pilling for Dogs and Cats

Hand-pilling is putting a tablet or capsule in an animal’s
mouth in a way that makes the animal swallow it. To hand-pill
a dog or cat, use the following procedure.

Step 1: Hold the tablet between the thumb and fingers of
your right hand (Figure 7A). Or, hold the tablet or
capsule between the second and third fingers of
the right hand. Use the left hand to open the ani-
mal’s mouth (reverse hand placements if you’re
left-handed).

Step 2: Grasp the upper jaw with the thumb on one side
and fingers on the other, and press the lips over
the upper teeth. Using your right thumb, press
downward on the lower jaw in the space behind the
incisors to open the animal’s mouth. Or, hold the
tablet or capsule between the thumb and second
finger, and use the third finger to open the animal’s
mouth (Figure 7B).

FIGURE 7A—Hold the
pill between the thumb
and fingers of the right
hand.
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Step 3: Place the tablet or capsule in the center on the
base of the tongue (Figure 7C).

FIGURE 7B—Use the third
finger to open the ani-
mal’s mouth while holding
the capsule between the
first two fingers.

FIGURE 7C—Place the 
pill in the center of the
tongue. 
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Step 4: Close the animal’s mouth and gently tap the animal’s
nose or stroke under its chin to startle it into 
swallowing (Figure 7D).

A cat will swallow a tablet or capsule
dropped deep into its mouth and then
tapped deeper with a finger or the eraser
end of a pencil. If a dog or cat is aggressive,
special pilling forceps or pet pillers can be
used to place the pill over the base of the
tongue (Figure 8). A dog or cat that licks 
its nose is usually indicating that it has
swallowed the tablet or capsule.

The same technique used to hand-pill can
be used to bolus-feed an animal (Figure 9).
Small amounts of food can be placed in 
the mouth as a pill would.

FIGURE 7D—Close the
animal’s mouth and gen-
tly stroke its chin. 

FIGURE 8—A pet piller can be use to administer
medication to an aggressive animal.
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Using a Balling Gun for Ruminants

A bolus is a rounded mass of food or pharmaceutical preparation
ready to be swallowed, or such a mass passing through the
gastrointestinal tract. The veterinary assistant may administer
lubricated boluses to ruminants with a balling gun. A balling
gun consists of a short cylinder large enough to contain the
average bolus, a hollow stem containing the rod that connects
the handle with the plunger in the cylinder, and the handle.
The end of the balling gun should be smooth and preferably
made of soft plastic. The following describes the correct use
of a balling gun.

Step 1: Secure the animal’s head and neck to stabilize it.
(Try to restrain the animal in a corner or in a head
catch to keep it from backing away.)

Step 2: Pry open the side of the mouth.

Step 3: Carefully slide the balling gun into the mouth 
and over the base of the tongue.

Step 4: Release the lubricated bolus.

FIGURE 9—Use the same
technique for bolus feeding
as for hand pilling. 
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Boluses are usually passed into cattle with a balling gun.
Multiple-delivery balling guns can administer many boluses
in a minimum of time. An alternative method in cattle is to
grasp the nose by its septum with the thumb and the first
finger of one hand and then pull upward. This usually
causes the animal to open its mouth so that the balling
gun can be introduced.

Using a Dose Syringe on Ruminants, 
Swine, and Horses

Ruminants, swine, and horses often receive oral liquid med-
ication from a dose syringe, dosing bottle, or stomach tube.
Veterinarians prefer a dose syringe that has a large bulb on
its tip to prevent mouth injuries. Here’s how you, the veteri-
nary assistant, will use a dose syringe.

Step 1: Stabilize the animal’s head and hold it horizontally.

Step 2: Introduce the bulb end into the mouth and over the
base of the tongue.

Step 3: Deliver the medication.

If the animal coughs, lower its head to prevent aspiration into
the lungs.

Intubation Methods

Gastric Intubation for Dogs and Cats

Gastric intubation, also known as gastric gavage or stomach tube
feeding, amounts to passing a tube into an animal’s mouth,
down the esophagus, and into the stomach. The technique
can be used as a means to administer both medication and
food to an animal. Although you, as the veterinary assistant,
won’t perform gastric intubation, you should still understand
how the procedure is performed. You’ll be responsible for
preparing the equipment and restraining the patient during
the procedure. 
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The equipment needed to perform gastric intubation is shown
in Figure 10. This equipment includes

• Adhesive tape or a permanent-marking pen

• Partially used roll of adhesive tape or a wooden spacer
block

• Water-soluble lubricating gel or tap water

• Plastic tubing in several sizes or rubber urinary
catheters (22 French, 75 centimeters long for dogs; 
12 French to 16 French, 40 centimeters long for cats)

• Syringe or funnel

The term French is used to refer to a standard set of sizes for
needles, catheters, and tubes.

The following procedure describes the proper placement of a
gastric tube.

Step 1: To pass a stomach tube, the dog should be main-
tained in a sternal position (on its chest). The
veterinarian or veterinary technician will use the
stomach tube to measure the distance from the
animal’s incisor teeth to the level of the eighth or
ninth rib (Figure 11A).

FIGURE 10—The 
equipment for gastric
intubation includes adhe-
sive tape (A) or marking
pen, partially used roll of
adhesive tape (B), sterile
lubricating gel (C), vari-
ous sizes of plastic tubing
or catheters (D), and a
syringe (E). 
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Step 2: He or she will mark the tubing with adhesive tape
or a permanent-marking pen (Figure 11B).

Step 3: A partially used roll of adhesive tape or a wooden
spacer block is placed behind the canine teeth to
hold the dog’s mouth open (Figure 11C).

FIGURE 11A—The 
distance is measured
from the animal’s mouth
to the eighth or ninth rib. 

FIGURE 11B—The tubing
is marked with adhesive
tape or a permanent-
marking pen.
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Step 4: The veterinarian or veterinary techni-
cian will lubricate the end of the
stomach tube with sterile lubricating
gel or tap water and insert it through
the central hole in the tape roll or
spacer block (Figure 11D).

Step 5: The stomach tube is gently pushed into
the pharynx as the animal swallows
(Figure 11E). The tube is advanced
slowly to the level previously marked
by the adhesive tape. If the animal
coughs, the stomach tube is removed
because it may have been pushed
into the trachea.

FIGURE 11C—A roll of
adhesive tape placed
behind the teeth will
hold the mouth open. 

FIGURE 11D—The end of the stomach
tube is lubricated with sterile gel. 

FIGURE 11E—The stomach
tube is inserted into the
pharynx.
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Step 6: The animal’s neck is palpated to be certain the 
tubing can be felt in the esophagus (Figure 11F).

Step 7: Test the patency (accessibility or openness) and
placement of the stomach tube by injecting sterile
water into the tube before administering any 
medication or food (Figure 11G).

FIGURE 11F—The neck is
palpated to make sure the
tube is placed properly. 

FIGURE 11G—Sterile
water or saline is
injected into the tube. 
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Step 8: The syringe or funnel is attached to the end of the
stomach tube. The medication or liquefied food is
slowly administered using the syringe or by gravity
flow through the funnel (Figure 11H).

Step 9: The veterinarian or veterinary technician will kink
the stomach tube before removing it (Figure 11I).
This prevents liquid contents from being withdrawn
and possibly inhaled into the trachea and lungs.

FIGURE 11H—The 
medication or food is
administered through 
the tube. 

FIGURE 11I—The tube is
kinked before removal. 
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Step 10: After the stomach tube is removed, you’ll want to
thoroughly clean it with tap water.

Gastric Intubation for Ruminants and Horses

A stomach tube can be readily passed into a restrained sheep
or goat by using a tape roll or appropriately sized syringe
case with its end smoothed. Caregivers pass a lubricated 
9.5-mm-diameter rubber tube through the speculum device
and over the base of the tongue into the esophagus. This
process requires visualization or palpation of the tube as it
passes through the esophagus to ensure placement of med-
ication in the rumen. Veterinarians or veterinary technicians
who doubt the tube’s placement will either pass it again or
blow air into the tube. This allows an assistant (perhaps you)
listening with a stethoscope over the paralumbar fossa (the
area just behind and at the top of the left ribs) to hear air
bubbling through the rumen contents.

A sheep or goat may sometimes regurgitate stomach contents
if the volume of liquid medication is large. When this occurs,
the veterinarian or veterinary technician removes the tube
and lowers the animal’s head from the horizontal position to
prevent fluid from being aspirated into the lungs. He or she
will skip the regurgitated dose and resume dosing at the next
scheduled time.

In cattle, a metal speculum or wooden block can be used for
passing a stomach tube into the rumen. Veterinarians often
find it best to place the stomach tube end in the speculum
before introducing it into the mouth. The tube can then be
rapidly passed once the speculum is properly placed. Once
again, the veterinarian or veterinary technician will make
sure that the tube has reached the rumen before administering
any medication.

Nasogastric Intubation for Dogs and Cats

Nasogastric intubation is the passing of a small-diameter, 
soft plastic or rubber tube (called a nasogastric tube) into the
stomach through the nostril and nasal passage. Nasogastric
intubation isn’t as practical as stomach tubing through the
mouth. The nostrils and nasal passages are smaller and
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restrict the types of solutions that can pass through the tube.
(Blenderized cat or dog food, for instance, can’t pass through
a nasogastric tube.) Many veterinarians, however, prefer
nasogastric intubation for short-term nutritional support.
The technique is easy, inexpensive, and well tolerated by 
animals.

Your role as the veterinary assistant is to understand the
theory behind the technique so that you can prepare the
materials it requires. You’ll be responsible for restraining 
and reassuring the animal as the tube is placed.

The equipment needed to place a nasogastric tube is shown
in Figure 12. This equipment includes

• Soft rubber feeding tubes (French sizes 3–10)

• Syringe

• 19- or 20-gauge butterfly catheter tubing

• Adhesive tape or permanent-marking pen

• Water-soluble lubricating gel

• Topical liquid anesthetic

• Stockinette or bandage material

FIGURE 12—Equipment
for Nasogastric
Intubation: 
(A) Soft Rubber Feeding
Tubes, 
(B) Syringe, 
(C) Butterfly Catheter, 
(D) Adhesive Tape 
or Marking Pen, 
(E) Lubricating Gel,
(F) Topical Anesthetic, 
(G) Bandage Material  
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The size tube to use will depend on the size of the animal. Most
adult dogs will tolerate a size 8 French tube. Smaller cats may
require size 3 or 5 French tubes. Tubing from a 19- or 20-
gauge butterfly catheter may be used in smaller cats, kittens,
and puppies.

The following describes the procedure for proper placement of
a nasogastric tube.

Step 1: To pass a nasogastric tube, the dog should be
maintained in a sternal position. Several drops 
of topical liquid anesthetic can be placed into the
nares of the dog to minimize irritation and sneezing
(Figure 13A).

Step 2: Starting with the tip of the tubing, the veterinarian
or veterinary technician will measure the distance
from the level of the eighth or ninth rib to the end
of the animal’s nose (Figure 13B).

FIGURE 13A—Anesthetic
liquid drops are placed in
the dog’s nares.
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Step 3: The tubing is marked with adhesive tape or a 
permanent-marking pen. There should be enough
length remaining to secure the tubing to the 
animal’s head (Figure 13C).

Step 4: The tip of the tube is lubricated with water-soluble
gel (Figure 13D).

FIGURE 13B—The distance
to the animal’s eighth or
ninth rib is measured. 

FIGURE 13C—The tubing
is marked with adhesive
tape. 
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Step 5: While the veterinary assistant maintains the animal’s
head in a steady, normal position, the veterinarian
or veterinary technician will advance the tube
slowly into the nose to the level previously marked
(Figure 13E).

Step 6: The end of the nasogastric tube can be secured
behind the animal’s head with a light wrap using
bandage material or stockinette (Figure 13F).

The tube can remain in place for several days of feeding or
medicating an animal. The tube must be flushed with water
after each use to maintain its patency.

FIGURE 13D—The tip of
the tube is lubricated
with sterile gel.

FIGURE 13E—The tube is
advanced slowly into the
nose.
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Nasogastric Intubation for Horses

A well-placed nasogastric tube in a horse has many uses.
Veterinarians administer food or liquids into a horse’s gas-
trointestinal tract through it, passing the nasogastric tube
through the nose into the esophagus and then into the
stomach (making a speculum unnecessary). Figure 14 shows
the correct placement of a nasogastric tube. Notice that the
tube travels behind the liver in this view, as indicated by the
dotted lines.

FIGURE 13F—The end 
of the tube is secured
behind the dog’s head. 

FIGURE 14—Placement of
a Nasogastric Tube in a
Horse
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A nasogastric tube can relieve gas accumulation that may
accompany an attack of colic or postoperative colic manage-
ment. Colic describes severe, recurring pain in the colon
often caused by disease or infection. The nasogastric tube
can also feed or medicate a horse with a painful condition of
the mouth, or inability to grasp food (because of a fractured
mandible, for instance). The nasogastric tube can be left in
place temporarily by taping it to a halter. This allows the
horse to be fed or medicated frequently without the trauma 
of repeatedly passing the nasogastric tube.

Even a correctly placed nasogastric tube can give horses a
profuse nosebleed. A tube accidentally passed into another
organ can do real damage. The most serious problems result
from a tube passed through the trachea and into the lungs.
Any substance administered into a tube accidentally placed
in the lungs can lead to severe pneumonia and death.

Administering Parenteral Injections

Parenteral injections offer two advantages over the oral route:
rapid absorption and accurate dosing. Veterinary medicine
routinely employs the subcutaneous, intramuscular, and
intravenous routes of parenteral injections. Intradermal and
intraperitoneal (within the abdominal cavity) routes are 
infrequently used.

What factors determine the administration route? First, the
medication’s pharmacological properties. Some medications
aren’t adequately absorbed, or may produce severe tissue
reactions, when administered by a particular route. Second,
different routes produce different absorption rates. A critically
ill animal needs the route that produces the fastest action.
An animal suffering a severe, overwhelming infection, for
instance, should receive an antibiotic via the quicker intra-
venous route rather than the slower oral route.

The animal’s condition, temperament, and owner may also
determine the appropriate route. Veterinarians generally
avoid giving oral medications to a vomiting animal, or one
with severe respiratory problems. Aggressive or irritable 
animals may eliminate the options of topical, oral, or intra-
venous administration routes, leaving only subcutaneous or
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intramuscular routes. If the animal’s owner will be doing the
medicating, topical and oral routes are the obvious choices
over parenteral injection.

Routine animal parenteral injections require the following
equipment. Figure 15 illustrates this equipment.

• Assorted sizes of hypodermic needles and syringes

• Cotton balls moistened in 70% isopropyl rubbing alcohol

• Saline solution

A solid knowledge of parenteral injection technique will help
you assist the professionals performing them. Let’s examine
each parenteral technique in turn.

Subcutaneous Injection

If the medication is nonirritating, then it can be injected
subcutaneously, or just under the skin. Subcutaneous
injections allow quick systemic activity, since the medica-
tion is readily absorbed into the lymph and blood systems.
Veterinarians also use this route to vaccinate dogs and
cats. A 22- or 25-gauge needle is adequate for vaccinations

FIGURE 15—Equipment
for Parenteral Injections:
(A) Hypodermic Needles
and Syringes, 
(B) Cotton Balls,
(C) Saline Solution, 
(D) Isopropyl Rubbing
Alcohol  
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(and most other subcutaneous injections) in dogs and cats. An
ideal subcutaneous injection site in dogs and cats is the dorsal
(back) area from the shoulder to the rump.

The technique veterinarians and veterinary technicians
employ for subcutaneous injection is shown in Figures 16A,
16B, 16C, and 16D. The steps are as follows:

Step 1: The veterinary assistant will prepare the injection
site by parting the hair and cleansing the skin 
with 70% isopropyl rubbing alcohol (Figure 16A).

Step 2: The veterinarian or veterinary technician picks up 
a fold of skin and pinches the skin between the 
fingers (Figure 16B). The needle is placed beneath
the skin. The syringe is aspirated to make sure 
the needle is subcutaneous.

FIGURE 16A—The injection
site is prepared and
cleaned.
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Step 3: The medication is injected into the fold of skin
(Figure 16C).

FIGURE 16B—A fold of
skin is pinched between
the fingers. 

FIGURE 16C—The medica-
tion is administered. 
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Step 4: The fold of skin is again pinched and the needle
removed. After the veterinarian or veterinary tech-
nician has completed the injection, you may want
to massage the area gently (Figure 16D). This helps
the body absorb and distribute the medication and
gives you the opportunity to reassure your patient
that you’re still friends!

The optimal site for subcutaneous injection of small quantities
in ruminants and horses is the middle area of the neck between
the scapula (shoulder blade) and the ramus (vertical, elongated
extension) of the mandible. This area is easily accessible, and
requires minimal restraint. The injection technique is the same
as for a dog or cat, but the veterinarian or veterinary technician
uses an 18- or 20-gauge, 2.5- to 3.75-cm needle.

The professionals you’ll assist may inject a medication not
easily absorbed in the area just over or behind the spine of
the scapula. This site uses the animal’s movement to help
distribute the medication and prevent abscesses from forming.
This is also a popular site for administering large quantities
of fluids, like the second 500 ml bottle of calcium solution to
a cow with milk fever. Show animals, whose appearance is

FIGURE 16D—The area is
massaged.
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important, typically receive injections that may irritate or blem-
ish the skin in the axillary (armpit) or flank (area between the
ribs and the hip bone) fold areas.

Swine may be confined in a farrowing crate or crowded with a
panel. A farrowing crate is a cage large enough to hold the
swine, but too narrow to allow it to turn around. When sub-
cutaneously injecting swine, veterinarians often use the area
just behind the base of the ear. A 16- to 18-gauge, 2.5 to 5
cm needle is directed ventrally. The injection is completed as
quickly as possible before the animal can move excessively.
The axillary space or flank fold can be used on small pigs
held by their hind legs.

Intramuscular Injection

Slightly more irritating medications may be injected intra-
muscularly. Since muscle tissue can’t readily expand,
medications injected intramuscularly are generally smaller 
in volume, usually less than 3 ml per injection site. One
injection site in the dogs and cats is the semimembranosus
and semitendinosus muscle mass (hamstring muscles) in the
hind leg. Veterinary professionals approach the site laterally
with the needle angled in a slightly caudal direction to avoid
damaging the sciatic nerve. The sciatic nerve is the longest,
widest nerve in the body. It extends down the thigh and into
the lower leg and foot.

The paralumbar region is also a popular intramuscular injection
site. The paralumbar region lies next to the lumbar region,
which is the area on the back between the chest and the
pelvis. Unless the animal is extremely thin or small, your 
veterinarian may elect to inject the paralumbar area. The site
for injection is selected by placing the fingers on the wings 
of the ileum and allowing the thumb to fall naturally. The
injection goes at the point where the thumb lands.

A 22- or 25-gauge needle is adequate for most dogs and cats.
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Veterinarians and veterinary technicians use the following
technique, illustrated in Figures 17A, 17B, 17C, 17D, and
17E, to administer intramuscular injections.

Step 1: The veterinary assistant will prepare the injection
site by parting the hair and cleansing the skin with
cotton balls moistened in 70% isopropyl rubbing
alcohol (Figure 17A).

Step 2: The dog or cat should be maintained in a standing
or reclining position (Figure 17B).

Step 3: The muscle is grasped between the thumb and 
fingers (Figure 17C).

FIGURE 17A—The injec-
tion site is prepared and
cleaned.



Small and Large Animal Nursing, Part 1 41

Step 4: The needle in inserted perpendicularly (Figure 17D).
The veterinarian or veterinary technician will retract
the syringe’s plunger slightly to ensure that the needle
hasn’t entered a vein. The medication is injected and
the needle is withdrawn.

FIGURE 17B—The animal
is restrained in a standing
or reclining position. 

FIGURE 17C—The muscle
is grasped between the
thumb and fingers. 
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Step 5: As with subcutaneous injections, once the injection
has been completed, massage the area gently
(Figure 17E). This helps the body absorb and 
distribute the medication.

FIGURE 17D—The med-
ication is administered
with the needle perpen-
dicular to the body. 

FIGURE 17E—The area is
massaged gently.
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Cattle often receive intramuscular injections in the gluteal 
muscles (buttocks). Restraining the animal in a stall or crowded
in a narrow alley is usually adequate for this procedure. To
keep a sudden movement from breaking the needle or syringe
tip, however, the needle must be firmly seated in the muscle
before the syringe is attached. The veterinarian or veterinary
technician will perform the procedure as follows:

Step 1: Cleanse the injection site with cotton balls moistened
in 70% isopropyl rubbing alcohol

Step 2: Grasp a 16- or 18-gauge, 3.75 to 5 cm needle and
form a fist with the same hand.

Step 3: Strike the injection site with the flat of the fist.
(This lessens the animal’s awareness of the needle
prick.)

Step 4: Turn the hand slightly and strike the animal again
while popping the needle through the skin perpen-
dicular to its surface.

Step 5: Attach the syringe to the firmly seated needle.

Step 6: Inject the medication.

Step 7: Withdraw the needle and syringe.

This injection site works well with large groups of cattle when
the animals can be crowded into a confined area with a fence
the veterinarian can reach over to make the injection. Injecting
large quantities of medication into the gluteal muscles may
not be appropriate in dairy cows. Their gluteal muscles are
thin, making them more susceptible to resulting abscesses 
or cellulitis.

Veterinarians and veterinary technicians have other options
for intramuscular injections in cattle. One option is the semi-
tendinosus muscle, combined with tail restraint. Another
option is the triceps muscles, effective for small doses to 
animals that can be restrained from making lateral movements
(in a stanchion, for instance). A stanchion is a device that fits
around an animal’s neck and prevents forward and backward
movement. A third option is the lateral femoral muscle in
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very young animals, though care must be taken to avoid
damage to the sciatic nerve. Heavily muscled animals like
bulls can be injected in the neck muscles just in front of 
the scapula.

Intramuscular injection technique in the horse is very similar
to that used in cattle. A suitable injection site on horses is
the gluteal muscles. You can locate the gluteal muscles by
drawing an imaginary triangle from hip to buttock to croup
(the area above the base of the tail). Veterinary professionals
injecting this area stand on the side of the horse opposite the
injection site and reach across the back. If the horse kicks, 
it will generally kick toward the side on which the needle is
being inserted. A 16- or 18-gauge, 3.75 to 5 cm needle is
used for injection. This site’s visibility sometimes rules it 
out, since an injection complication would be aesthetically
unappealing. The brachiocephalicus muscle in the neck is
easily accessible and requires a minimum of restraint.
However, this site is rarely used for large quantities (more
than 10 ml) of medication, since most horses aren’t heavily
muscled in this area.

Medication not easily absorbed may be administered in the
triceps muscles. Once again, the animal’s movement helps to
distribute the drug. Veterinarians avoid this site if the horse
is to be harnessed or saddled within several weeks. Highly
irritating medications, such as injectable iron or vitamins 
A, D, and E, may occasionally be injected into the pectoral 
muscles. This area drains readily should medication-induced
abscesses form.

For repeated intramuscular injections, veterinarians often
choose the semitendinosus muscle, taking appropriate care
to avoid being kicked. Race horses, whose performance may
suffer because of medication-induced inflammation, never
receive intramuscular injections in the hindquarters, nor 
do they receive more than 20 ml injections at any one site.
The common sites for intramuscular injection in horses are
shown in Figure 18.

The dorsal neck muscles are a common intramuscular injection
site in swine. It’s usually one of the cleanest areas for injection
and is easily accessible in animals confined in a farrowing
crate or crowded with a dividing panel. Swine also seem to 



Small and Large Animal Nursing, Part 1 45

be less sensitive to pain in this area. Veterinarians use a 16-
to 18-gauge, 2.5 to 3.75 cm needle, inserting and injecting in
one motion. Once again, the procedure must be quick to
avoid excessive movement by the animal. The medial (toward
the midline) side of the ham is often used in giving medication
to small pigs that can be restrained by holding the hind legs.
This is a common site for injecting young pigs with iron. An
18- to 19-gauge, 1.25 to 2.5 cm needle is used in small pigs.
The posterior ham area is also a possibility for injecting a
standing adult pig intramuscularly (with a 16- to 18-gauge,
3.75 to 5 cm needle). However, veterinarians try to avoid it,
since it’s both a choice meat cut and it’s often dirty.

Sheep and goats usually receive intramuscular injections in
the semitendinosus and semimembranosus muscles. Few
goats have enough muscle mass in other parts of their bodies
for safe intramuscular injections. Intramuscular injections in
sheep are sometimes given in the gluteal muscles.

FIGURE 18—Intra-
muscular Injection Sites
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Intravenous Injection

You already know that intravenous injection is the fastest
way to get drugs into circulation and tissues. It may also be
the method of choice for medications that irritate the tissues.
Veterinarians usually intravenously inject dogs and cats in
the cephalic vein and the lateral saphenous vein.

Step 1: The veterinary assistant will restrain the patient in
sternal recumbency (lying on its chest) and apply
digital pressure or a tourniquet distal to the elbow
joint.

Step 2: The veterinarian or veterinary technician will insert
the needle.

Step 3: A small amount of blood will be aspirated into the
syringe to verify proper positioning of the needle.

Step 4: Release the digital pressure or tourniquet, and the
medication will be slowly injected.

Step 5: Once the veterinarian or veterinary technician 
withdraws the needle and syringe, you’ll want to
apply prompt digital pressure to the injection site.

The veterinarian or veterinary technician may notice small 
air bubbles in the syringe, and hold it so that the air bubbles
float to the plunger end. He or she will leave the air bubbles
and a small amount of liquid in the syringe. In the event of
accidentally injecting an irritating medication into the tissues
surrounding the vein, the veterinarian or veterinary technician
will typically instill large volumes of physiologic saline solution
to dilute the medication.

Cattle typically receive intravenous medication in the external
jugular vein as follows:

Step 1: The veterinary assistant will restrain the animal in
a head catch with head drawn upward and to the
side opposite the injection site.

Step 2: The injection site is cleansed with 70% isopropyl
rubbing alcohol.
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Step 3: The veterinarian or veterinary technician will occlude
the vein by applying digital pressure in the lower
jugular groove.

Step 4: A 14- or 16-gauge, 5 to 7.5 cm needle is pushed
sharply into the vein at a 45- to 90-degree angle 
to the skin.

Step 5: Keeping the vein occluded, the needle will be
threaded into the vein to the hub.

Step 6: The syringe is attached.

Step 7: The veterinarian or veterinary technician will verify
the needle’s position by aspirating a small amount
of blood into the syringe.

Step 8: Digital pressure is released on the jugular groove,
and the medication is injected.

Step 9: The needle and syringe are withdrawn.

Veterinarians administering medication with a simple admin-
istration set can lower the bottle of fluids below the injection
site to observe blood flowing back into the administration 
set. Once the blood flow shows that the needle’s position is
correct, they release digital pressure on the jugular groove
and raise the fluid bottle above the injection site. This proce-
dure administers the medication without blood flowing into
the administration set.

In dairy cattle, the subcutaneous abdominal vein (milk vein)
can be used for administering small quantities of medication
while the cow is confined in the milking parlor (a room used
for milking cows). This technique requires tail restraint.
Veterinarians take special care with this site, since a large
hematoma may result because of its ventral location and
loose skin covering. Pinching the skin for several minutes
after withdrawing the needle from the vein helps to prevent
hematoma formation.

Horses receive intravenous medication in the external jugular
vein. Because the horse’s esophagus runs near the jugular
groove on the left side, veterinarians use the right jugular
vein whenever possible. An 18-gauge, 3.75 cm needle suffices
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for most injections, though a 14- or 16- gauge, 5 to 7.5 cm
needle may be used for large quantities of medication. The
aspiration step is particularly crucial when veterinarians 
perform this injection. Veterinarians observe the color and
rate of flow when aspirating blood, and know that redder
blood flowing at a quicker rate comes from the carotid artery.
Medications injected into the carotid artery can cause severe
reactions when they reach the brain suddenly in high con-
centrations. This is also the reason veterinarians use an
18-gauge needle. The resistance of smaller needles can slow

blood flow, making arterial flow look like
venous flow.

For single injections the veterinarian or 
veterinary technician will perform the 
procedure as follows:

Step 1: Cleanse the skin with 70% 
isopropyl rubbing alcohol.

Step 2: Insert the needle into the 
distended vein at a 90-degree 
angle to the skin.

Step 3: Aspirate the syringe and observe
the color and rate of blood flow.

Step 4: Inject the medication.

Step 5: Remove the needle and syringe.

The external jugular vein is the site of choice
for intravenous therapy in sheep and goats
(Figure 19). The same procedure for intra-
venous injections in the horse applies to
sheep and goats.

Intradermal Injection

The small volume that intradermal (within the layers of skin)
medications can inject makes them unsuitable for adminis-
tering medications. Veterinarians use the intradermal route
most often for diagnosing systemic hypersensitivity (from
allergies like atopy), or before giving known sensitizing med-
ications like tetanus antitoxin or snake venom. Intradermal 

FIGURE 19—Location for External Jugular
Intravenous Injection 
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skin testing for atopy or tuberculosis uses a 25- to 27-gauge, 
3⁄8-inch needle attached to a 1 ml disposable syringe. The 
veterinarian carefully introduces the needle between the 
layers of the skin, then injects 0.05 to 0.1 ml of the test
material. If the animal is sensitive to the medication, the 
test site should develop welts, heat, swelling, redness, 
and/or pain within 15 to 20 minutes.

Intraperitoneal Injection

As we previously mentioned, veterinary professionals generally
avoid the intraperitoneal injection route, which results in
peritonitis and intra-abdominal abscess. The absorption 
rate of intraperitoneal fluids is roughly equivalent 
to the absorption rate of subcutaneous fluids.
Medications may be administered by the intraperi-
toneal route in ruminants and swine, since long-term
intravenous therapy is often impractical. These solu-
tions should be warm and isotonic. Isotonic solutions
are equal in electrolyte concentration to the animal’s
circulating blood. Isotonic (literally “of equal tension”)
medications minimize inflammation. In standing
adult animals, the paralumbar fossa should be used.
Often, a 16- to 18-gauge, 7.5 cm needle is required to
penetrate through the thick muscle and fat into the
peritoneum. In baby pigs held by their hind 
legs, a 16-gauge, 1.25 to 2.5 cm needle is inserted
halfway between the midline and the flank (Figure 20).
Whenever the intraperitoneal route is used, the skin
should be properly cleansed and disinfected prior to
insertion of the needle.

Now, take a few moments before moving on to
check your progress by completing Self-Check 2.

FIGURE 20—Piglets can be restrained
by their hind legs for intraperitoneal
injection.
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Self-Check 2
1. What are the two advantages of administering medication through parenteral injection? 

__________________________________________________________
__________________________________________________________

2. True or False? Intravenous injection is the fastest way to get drugs in circulation.

3. List two disadvantages of orally administering medication. 

__________________________________________________________
__________________________________________________________

4. True or False?  To place a nasogastric tube in an animal, the veterinarian or veterinary
technician will measure from the animal’s nose to the level of the fifth or sixth rib.

5. You’re observing a veterinarian selecting a site for intramuscular injection in a dog by placing
the fingers on the wings of the ileum and allowing the thumb to fall naturally. The veterinarian
administers the injection at the point where the thumb lands. The veterinarian is using the
_______ area as a site for this injection.

6. True or False? Medications that may be irritating are best administered through subcutaneous
injection.

7. True or False? Intradermal injections are appropriate for administering large amounts of 
medication quickly.

8. List four pieces of equipment a veterinary hospital should have on hand for oral administration
of medication. 

__________________________________________________________
__________________________________________________________

9. What are the three forms of oral medications a veterinary practice should carry? 

__________________________________________________________
__________________________________________________________

10. What purpose does a partially used roll of adhesive tape or wooden spacer block serve 
during gastric intubation?

__________________________________________________________
__________________________________________________________

Check your answers with those on page 129.
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FLUID ADMINISTRATION

Types of Fluid Solutions

Many medical and surgical situations require sterile fluid
solutions to be administered. Veterinary medicine is no
exception. Veterinary practices routinely use several basic
types of sterile fluid solutions. These include physiologic
(0.9%) saline solution, which conforms to the body’s normal
salinity; 5% dextrose in water solution; and extracellular
(lying outside the cells) fluid replacement solutions, such 
as lactated Ringer’s solution, or simply Ringer’s solution.
Ringer’s solution is a sterile solution of sodium chloride,
potassium chloride, and calcium chloride in purified water.
Based on the specific clinical situation, the veterinarian rec-
ommends combinations of these basic fluid types. These
fluids can also be supplemented with concentrated solutions
of electrolytes and dextrose.

To prepare and administer these solutions, a veterinary practice
should have

• Basic types of fluid solutions

• Cotton balls moistened in 70% isopropyl rubbing alcohol

• A bottle of sterile saline-heparin solution for flushing the
intravenous indwelling catheter

• Special equipment such as regular syringes, adhesive
tape, bandaging material, antiseptic ointment, and
assorted catheters and needles

So what are various combinations of fluid solutions composed
of? The following table summarizes the combinations (Figure 21).
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Veterinarians frequently add antibiotics and other medications to
fluid solutions. As a rule, however, veterinarians avoid mixing
multiple medications either in a syringe or in fluid solutions.
Some combinations may inactivate one of the medications, as
carbenicillin does to gentamicin when the two combine. The
interaction may or may not be visible upon mixing. Even
when medications aren’t mixed, some are incompatible with
fluid solutions, as the table in Figure 22 summarizes.

BASIC TYPES OF COMMERCIAL FLUID SOLUTIONS*

Fluid Type
Fluid Composition per Liter

NA+ CL– K+ CA++ LACTATE KCAL

Lactated Ringer’s Solution 130 109 4 3 28 9

Ringer’s Solution 147 156 4 5 0 0

0.9% Saline Solution 154 154 0 0 0 0

2.5% Dextrose in Half-Strength Normal
Saline Solution 77 77 0 0 0 85

5% Dextrose in Lactated Ringer’s Solution 130 109 4 3 28 179

5% Dextrose in Water Solution 0 0 0 0 0 179

*Fluid solutions are generally composed of the following ingredients: Sodium (NA+), Chloride
(CL–), Potassium (K+), Calcium (CA++), Lactate (a salt of lactic acid, which is produced when
the body metabolizes carbohydrates), and Kcal (equal to 1000 calories).

FIGURE 21—Basic Types of Commercial Fluid Solutions

FIGURE 22—Physical Incompatibilities of Medications in Fluid Solutions

PHYSICAL INCOMPATIBILITIES OF MEDICATIONS IN FLUID SOLUTIONS

Medication Incompatible with

Amphotericin B 0.9% saline solution

Cephalothin sodium Lactated Ringer’s solution, calcium gluconate,
calcium chloride

Chloramphenicol sodium succinate Vitamin B complex with vitamin C

Chlortetracycline hydrochloride, tetracycline
hydrochloride, oxytetracycline hydrochloride

Lactated Ringer’s solution, sodium bicarbonate,
calcium chloride

Penicillins Dextrose-containing solutions with pH greater
than 8 (done by adding sodium bicarbonate)

Penicillin G potassium Vitamin B complex with vitamin C
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Fluid Administration Routes

Fluid administration sets are collections of vessels that 
give a choice of fluid drip rates (Figure 23). The sets are the
apparatus used to deliver fluids through the various fluid
administration routes. Sterile fluids can be administered via
several routes: under the skin, in the mouth, into a vein,
even into the stomach or a bone. What are the recommended
conditions for each of these routes? What are the advantages
and disadvantages of each? Let’s examine each route in turn.

The Subcutaneous Route

While administering fluid subcutaneously is safe and easy,
it’s also relatively slow. It shouldn’t be used for conditions
that require prompt action, like severe dehydration and 
electrolyte deficiencies. Subcutaneously administered fluids
are warmed to body temperature and must be isotonic with
the body’s extracellular fluid. Isotonic fluids have an osmotic
pressure approximately equal to that of extracellular fluid.
Subcutaneously administered dextrose solutions should not
exceed 5% concentration. Any greater concentration could
trigger sloughing of skin and abscess formation.

FIGURE 23—Fluid
Administration Set:
(A) Administration Set, 
(B) Extension or
Secondary Sets
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Animals can take various rates and volumes of subcutaneous
fluids. A rough guideline for total daily volume in dogs and
cats is approximately 60 ml per kg. It takes six to eight hours
for the body to absorb subcutaneous fluids. Therefore, the
total daily dose can be divided and given every six to eight
hours, preferably in as many sites as possible.

The Oral Route

Veterinarians often elect oral fluid administration (via rapid
bolus techniques) because it’s inexpensive, safe, and easy.
They avoid oral fluid administration, however, if the animal 
is vomiting or has severe, life-threatening dehydration and
electrolyte imbalances that require immediate correction.

The Intravenous Route

Intravenous fluid administration through an indwelling catheter
is the quickest method of getting body water and electrolytes
into the general circulation and tissues. The best candidates 
for this route, therefore, are severely ill animals, severely dehy-
drated animals, and rapidly dehydrated animals. Intravenous
fluid administration is also routinely used, along with general
anesthesia, to maintain renal blood flow and thus vascular
access during emergencies. The intravenous fluid administration
process requires close monitoring to avoid complications such 
as overhydration, infection, thrombosis (obstruction of a blood
vessel by blood clots), phlebitis, embolism (obstruction of a 
blood vessel due to abnormal particles, such as air bubbles),
and impaired fluid delivery should the animal change positions
and obstruct the intravenous catheter.

The most common sites for intravenous fluid administration
in dogs and cats are the cephalic vein, lateral saphenous
vein, and external jugular vein through a 20-gauge indwelling
catheter. Small puppies and large kittens are infused in the
cephalic or external jugular veins using a 22- or 23-gauge
indwelling catheter. Ruminants and horses typically receive
intravenous fluids through larger-gauge indwelling catheters
in the external jugular vein.
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The Intraperitoneal Route

Administering fluids into the abdominal cavity is possible,
but veterinarians tend to avoid this route. Intraperitoneal
administration may cause peritonitis (inflammation of the
membranes lining the abdominal cavity) and intra-abdominal
abscess formation. The rate of absorption of intraperitoneal
fluid solutions is nearly equivalent to the rate of absorption of
subcutaneous fluids.

The Intraosseous Route

Hypothermic animals, severely dehydrated puppies and kittens,
and other animals that can’t receive venipuncture benefit
from the intraosseous (within the long bone center) route 
of fluid administration. The intraosseous route offers high
absorption rates, approximately 95% within five minutes, and
flow rates up to 11 ml/min with gravity flow. Any intravenous
medication can be given into the marrow cavity of the femur
or humerus through a 20-gauge, 1-inch; 20-gauge, 2-inch; 
or 18-gauge, 3-inch spinal needle. Appropriate needle size
and length vary with the size and age of the animal infused.
The site of choice is generally the femur or humerus, bones
with large marrow cavities.

The process of administering fluid into bone marrow is a 
bit more involved than the other routes. You may assist a
veterinarian or veterinary technician in this process:

Step 1: The veterinary assistant can clip and scrub the
skin site using the same technique as that for IV
catheter placement.

Step 2: The veterinarian or veterinary technician will insert
the spinal needle parallel to the long axis of the
bone. The needle then travels through the trench
formed by the tuberous projections on the upper
end of the femur (or the greater of these projections
on the humerus), and into the marrow cavity.

Step 3: The stylet within the spinal needle is withdrawn.

Step 4: A small volume of sterile saline-heparin solution is
infused to clear the needle of bony material.
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Step 5: A venous line extender is attached to the spinal
needle.

Step 6: An iodine-based product is applied to the needle
penetration site.

Step 7: The spinal needle is secured to the skin and a 
protective bandage is applied.

The bandaging should be sufficient that when the animal
moves, the spinal needle won’t be broken off. Follow this 
procedure with routine catheter care. This technique allows
small volumes of warm fluids to be effectively administered
with a commercial syringe fluid pump over extended periods.
The spinal needle within the marrow cavity should either be
removed after fluid administration or replaced every 72 hours.

The intraosseous route offers its fair share of potential 
complications, such as infection that can cause cellulitis,
subcutaneous abscesses, bone inflammation, and leaking
around the needle puncture site. Other common problems
include misplacement of the needle or catheter, bending 
or clotting of the needle, through-and-through puncture of
the bone, and replacement of the marrow cavity with fat or
fibrous tissue. Intraosseous infusions can be painful as well,
usually because the solution is too cold or irritating. Pain
may also result from placing too much weight on the needle
inserted in the marrow cavity, or administering too much
fluid at once.

Intravenous Indwelling Catheters

Hospitalized animals often need repeated intravenous treatments
for long-term therapy. An intravenous indwelling catheter is 
a catheter that remains in a peripheral vein for the duration
of treatment. This type of catheter ensures that the vein is
readily accessible each treatment time. The well-supplied 
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veterinary hospital keeps the following equipment and sup-
plies on hand for intravenous indwelling catheter placement
(Figure 24).

• Fluid administration sets

• Assorted sizes and lengths of intravenous indwelling
catheters, including winged catheters, over-the-needle
catheters, and through-the-needle catheters

• Injection cap

• Bandaging material

• One-inch-wide white adhesive tape

• Cotton balls

• Hair clippers, surgical scrub disinfectants, and gauze
sponges

• A bottle of saline-heparin solution for flushing the 
positioned intravenous indwelling catheter, prepared by
adding 5 units of heparin per ml of 0.9% saline solution

• Syringes and needles

• Antiseptic ointment

• Intravenous fluids

FIGURE 24—Equipment
for Intravenous
Indwelling Catheters: 
(A) Fluid Administration
Set, 
(B) Catheters,
(C) Injection Cap,
(D) Bandage Materials,
(E) White Adhesive Tape,
(F) Cotton Balls,
(G) Hair Clippers,
(H) Saline Solution,
(I) Needle and Syringe,
(J) Antiseptic Ointment,
(K) Intravenous Fluids 
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Types of Intravenous Indwelling Catheters

Veterinary practices employ three types of commercial intra-
venous indwelling catheters: winged catheters, over-the-needle
catheters, and through-the-needle catheters. Winged catheters
have plastic wings at the needle hub and intravenous tubing
extending 8 to 12 inches from the hub. This makes securing
the needle easier and allows greater needle hub mobility.

The over-the-needle catheter is a needle-stylet combination
with a needle bevel that extends beyond the length of the
plastic catheter. The needle bevel is introduced into the
peripheral vein and is followed by the plastic catheter. When
the plastic catheter is completely within the vein, the stylet 
is removed. This arrangement allows free movement of the 
leg to which the catheter is secured.

The through-the-needle catheter encloses the plastic catheter
within the center of the needle. The plastic catheter is threaded
though the needle once the needle has been introduced into
the peripheral vein. The needle is then withdrawn from the
vein, and the catheter is secured to the animal’s neck or a leg.

In selecting an intravenous catheter, veterinary professionals
weigh the advantages and disadvantages of each, and consider
both the animal’s needs and its available peripheral veins.
Winged catheters promote the least local infection at insertion
sites. They’re also the simplest catheters to insert. Winged
catheters are useful for anesthetized animals, where access
to the tongue vein, leg vein, ear vein, or even the tail vein
may be lifesaving. They may also be used for very small 
animals and animals that need numerous venipunctures 
but not long-term fluid administration.

The winged catheter’s disadvantages, however, make it the
most criticized catheter. It’s sharp, thus prone to puncturing
or cutting into the vessel wall, and it’s difficult to stabilize.
Thus, winged catheters require constant supervision.

The over-the-needle catheter has many advantages, especially
for medicating over a term less than 24 hours. These catheters
are relatively inexpensive, and much easier than winged
catheters to stabilize. Constant supervision is unnecessary.
The over-the-needle catheter is available in a wide variety of
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gauges and lengths. Because the needle makes the correct-
size hole for the plastic catheter, over-the-needle catheters
cause minimal perivascular bleeding (bleeding around the vein).

The over-the-needle catheter does have several disadvantages. The
exposed plastic catheter is easily contaminated. It’s not suitable
for use past 48 hours because it’s difficult to stabilize in larger
veins. It often slows venous return in smaller veins. A catheter
intended for long-term use shouldn’t slow venous return. This
promotes inadequate blood flow around the catheter and boosts
the likelihood of inflammation. Long-term catheterization thus
requires a plastic catheter inserted into a large vein.

Through-the-needle plastic catheters, when inserted by 
sterile technique, are the easiest intravenous catheters to
maintain for extended periods. Ranging in length from 20 
to 90 cm, the through-the-needle catheter is usually placed
in an external jugular vein.

The through-the-needle catheter also has several disadvantages.
It’s the most expensive catheter. It causes some perivascular
bleeding because its needle (removed from the vein after
catheter insertion) is a larger gauge than the plastic catheter
maintained in the peripheral vein. It’s the most difficult catheter
to place, and complications from its incorrect placement can
be fatal.

Choosing a Catheter and Peripheral Vein

To determine catheter site, gauge, and length, the veterinarian
or veterinary technician evaluates each animal and vein indi-
vidually. Some peripheral veins in an animal may not qualify
because of vein scarring, open wounds close to the vein, frac-
tures under the vein, inflammation, or venous anatomy that
would force the plastic catheter through an area the animal
flexes. A catheter placed in a leg vein, for instance, must end
before the bend at a joint. Otherwise the catheter may kink or
be subject to blood clots.

Catheter and needle gauge are functions of the desired flow
rate and are measured by outside diameters. The flow rate,
however, is determined by a combination of the inside diameter
and the height of the fluids. Doubling the height of the fluids
administered also doubles their flow rate. Doubling the
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catheter’s internal diameter increases flow rate 16 times.
Smaller-gauge catheters don’t slow venous return, but
flow rate decreases significantly.

Catheter length depends upon the type of catheter being
placed, the animal’s size, and the animal’s catheterization
needs. The longer the catheter, the more stable it becomes,
thereby decreasing irritation that may inflame the vein.

When the need for long-term therapy is anticipated, the
through-the-needle catheter is the intravenous catheter of
choice. Animals usually tolerate these catheters better than
the other types of catheters. Through-the-needle catheters
are less prone to soiling or being destroyed by the animal.
They can also be used to measure central venous pressure.
The through-the-needle is the longest, thus the most stable,
plastic catheter. In a large-size vein this catheter reduces risk
of early mechanical and/or chemical irritation. (Veterinarians
and veterinary technicians administer irritating drugs only
into large veins, allowing for the irritant to be diluted so that
it doesn’t inflame the vein.)

Placing Front-Leg Indwelling Catheters

The veterinarian or veterinary technician will determine
which type and size catheter to use after evaluating the
patient’s needs. Which vein to catheterize will also depend on
the treatment the veterinarian has planned.

Placing an indwelling catheter in the cephalic vein of a dog or
cat really requires teamwork! You’ll play an important role in
the successful completion of this technique. Let’s take a look
at all the steps involved.

If your patient is calm and willing to stay in a sternal recumbent
position, you can now prepare the leg for the catheter placement.

Step 1: Clip the fur around the site to be catheterized, tak-
ing care not to irritate the skin or cause clipper
burns (Figure 25A).
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Step 2: Scrub the site, starting at the center of the shaved
area. Proceed outward with a circular motion to
prevent contaminants from crossing the site 
(Figure 25B).

Step 3: Rinse the scrubbed area with a 70% isopropyl 
rubbing alcohol rinse (Figure 25C).

Step 4: Repeat the previous two steps for a total of three
scrubs. Wait for the alcohol to dry. This ensures
good adhesion for the tape that will hold the
catheter in place.

FIGURE 25A—The fur
around the site is clipped.

FIGURE 25B—The site is
scrubbed.



Small and Large Animal Nursing, Part 162

Now you’re ready for the veterinarian or veterinary technician
to place the catheter. This technique is illustrated in 
Figures 26A, 26B, 26C, and 26D.

Step 1: The veterinary assistant will be responsible for
restraining the dog. If the catheter is to be placed
in the right cephalic vein, stand on the animal’s 
left side. Put your left arm under the animal’s 
chin to restrict head movement (Figure 26A).

FIGURE 25C—The site 
is cleaned with 70% 
isopropyl rubbing alcohol. 

FIGURE 26A—Hold the
dog firmly under the head
to prevent movement.
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Step 2: Using your right hand, reach across and grasp the
animal’s right front leg distal to the elbow joint
(Figure 26B). Occlude and rotate the cephalic vein
so that it lies on top of the outstretched leg. This
elevates the vein and positions it for indwelling
catheter placement.

Step 3: The catheter assembly is introduced into the vein.
The needle is withdrawn, leaving the catheter
indwelling (Figure 26C). When venipuncture has
been successfully completed, you’ll maintain sup-
port of the animal’s elbow to keep its leg extended
and release your thumb or tourniquet from the
vein. The catheter can then be advanced into the
vein. It’s very important that you maintain control
of the dog’s leg, keeping it in an extended position.

FIGURE 26B—The veterinary
assistant will grasp the
dog’s right front leg and
occlude the vein. 

FIGURE 26C—The needle
is inserted into the vein. 
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Step 4: Depending on the type of catheter placed, an injection
cap or intravenous tubing can be attached to the
catheter hub. In this figure, you can see that an
injection cap has been attached to the catheter. 
A small amount of antiseptic ointment on a sterile
pad is placed over the catheterization site. The 
veterinarian or veterinary technician will then
secure the catheter using a combination of tape
and gauze (Figure 26D).

The catheter should be flushed with sterile saline-
heparin solution to prevent obstructive clot formation.
The amount of saline-heparin solution should be at
least enough to fill the catheter completely.

Once the catheter has been successfully placed, the veteri-
narian must determine the type of intravenous fluids that
will be administered through the catheter and the rate that
the fluids will be administered.

The following procedure, illustrated in Figures 27A, 27B,
27C, 27D, 27E, 27F, and 27G shows the steps used to
administer fluids through an intravenous catheter.

FIGURE 26D—The
catheter is secured using
tape and gauze. 
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Step 1: The veterinarian will determine what type of intra-
venous fluids will be used and the rate of delivery
(Figure 27A). You may be responsible for setting 
up the fluid administration set and establishing
fluid therapy.

Step 2: The tab of the fluid bag is removed and the admin-
istration set of choice is attached to the bag in a
sterile manner (Figure 27B).

Step 3: The drip chamber is squeezed to fill it halfway with
fluids (Figure 27C).

FIGURE 27A—The type
and rate of delivery of
intravenous fluids must
be determined.

FIGURE 27B—The admin-
istration set is attached to
the fluid bag. 
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Step 4: The cap of the administration set is removed
(Figure 27D).

FIGURE 27C—The drip
chamber is filled halfway
with fluids.

FIGURE 27D—The cap of
the administration set is
removed. 
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Step 5: Fluids are flushed into the tubing until no air
remains in the line (Figure 27E).

Step 6: The administration set is attached directly to the
hub of the catheter, or a needle is attached to the
venotubing (Figure 27F).

FIGURE 27E—The tubing
is flushed until no air
remains.

FIGURE 27F—A needle is
attached to the venotubing. 
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Step 7: The needle with venotubing is inserted into the
injection cap of the catheter (Figure 27G).

The leg may be left unwrapped, or wrapped with one of 
several coverings to prevent swelling of the foot. Wrap from
the bottom of the foot and work upward. Take care to avoid
covering the administration set’s injection port.

You may note that the veterinarian applies a tourniquet, 
not too tightly, if the vein is standing up poorly, or for any
reason that greater blood pressure may be desirable. The 
veterinarian may also gently prick severely dehydrated or
thick-skinned animals with an 18-gauge needle next to the
vein (close but not puncturing it). This allows the indwelling
catheter opening to be moved over the vein and inserted in it.

Placing Jugular-Vein Indwelling Catheters

The jugular vein is a popular placement site for indwelling
intravenous catheters. The vein’s large size makes the catheter
easy for the veterinarian or veterinary technician to insert.
It’s also easier to secure the catheter on the jugular vein site
than it is at other body sites. The skin site is clipped and
aseptically prepared as described in the previous procedure.
Aseptic refers to being free from infection, or sterile. A needle

FIGURE 27G—The needle
is inserted into the injec-
tion cap of the catheter. 
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appropriate to the animal’s size and species is inserted 
into the vein. An appropriately sized sterile plastic tube is
threaded through the needle until approximately 50 cm of
tubing is in the vein. The tubing remains in the vein as the
needle is pulled out and covered with a protective guard. 
A piece of white adhesive tape placed around the blunted
needle secures the tubing. A square of sterile gauze, covered
on one side with antiseptic ointment, covers the site where
the tubing enters the skin. This gauze is secured by several
wraps of bandage material and white adhesive tape around
the animal’s neck. Additional tape may be added to cover 
the catheter completely if the animal tries to pull it loose.

Veterinarians use the same indwelling jugular-vein catheter
technique on ruminants or horses that require repeated,
large infusions of fluids or medications. You may play a role
in clipping, aseptically preparing, or securing the catheter
site exactly as described above.

Catheter Care

Proper care of indwelling intravenous catheters is an important
responsibility. Poor care of intravenous catheters can lead to
bacterial infections and septicemia (disease-causing bacteria
in the bloodstream). Veterinarians and veterinary technicians
know that strict aseptic techniques must be maintained
when placing an intravenous indwelling catheter into a
peripheral vein or giving injections through the intravenous
indwelling catheter. Among the guidelines that ensure proper
catheter care are

• Catheters should be routinely
flushed with heparin-saline solu-
tion every two to four hours
(Figure 28). Wipe the injection
site with 70% isopropyl alcohol
before giving injections through
the intravenous catheter or
injection port of the administra-
tion set.

FIGURE 28—Heparin-saline is used to routinely
flush catheters.
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• Crimp the administration line before the intravenous
injection to allow the medication to enter the animal and
not be distributed throughout the administration set or
in the fluid bag.

• Perform intravenous injections slowly to prevent irritation of
the vein.

• Dilute the medications if possible by periodically allowing
the fluid solution to run through the line.

Animals with intravenous indwelling catheters should be
monitored frequently for redness, swelling, and/or pain that
might indicate infection or inflammation at the venipuncture
site. Examine the animal’s leg and make sure the bandage
material is dry and sufficiently loose (Figure 29).

Change soiled or wet bandages promptly. Check the animal’s
extremities for swelling and cold, both signs that a bandage
is too tight. This periodic check allows inspection of the 
intravenous catheter and venipuncture site for signs of
inflammation. It also affords an opportunity to palpate the
lymph nodes above or around the catheter site. Animals that
are vomiting should be monitored more closely to determine
if the animal’s condition is deteriorating. Report your obser-
vations to the veterinarian immediately.

FIGURE 29—Check the
bandage around the
catheterization site 
frequently.
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An intravenous catheter can be left in place up to three 
days. Beyond this time, the patency of the indwelling catheter
decreases and the risk of infection increases. After three days
the veterinarian will remove the indwelling catheter and if
necessary replace it with a new one. He or she will choose a
different site if the current site has any swelling or redness.
Intravenous tubing should be kept off the cage floor and
replaced every 48 hours or when soiled.

If there’s discharge from the indwelling catheter site or if the
animal develops a fever, the indwelling catheter should be
removed. Culture samples of the discharge and the tip of the
catheter should be taken. Both samples should be submitted
for bacterial culture and identification and antibiotic sensitivity
testing to determine whether a bacterial pathogen is present.

Among the most common problems associated with fluid
administration are phlebitis (inflammation of the vein) and
thrombophlebitis (associated formation of blood clots). To dis-
courage these conditions, flush the indwelling catheter with
small amounts of sterile saline-heparin solution every two 
to four hours. The sterile saline-heparin solution decreases 
fibrin-clot formation and thus helps to maintain indwelling
catheter patency. After removal of the indwelling catheter, 
apply warm compresses to the area for approximately 10 
minutes twice daily. Do not perform other venipunctures on 
that leg. Systemic antibiotic administration may be indicated.

Measuring Central 
Venous Pressure (CVP)

The measurement of central venous pressure (the amount of
blood pressure in the vein and right side of the heart) also
helps to evaluate the fluid status of an animal. When used
and interpreted properly, the CVP measurement can substan-
tially reduce the likelihood of excessive fluid administration.
Measurement of the central venous pressure is a simple tech-
nique that can be performed in all veterinary practices.
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The following equipment is needed to monitor CVP (Figure 30).

• Over-the-needle indwelling catheter

• Needles and syringes

• 12- to 16-inch extension venotubing

• IV fluids

• Venotubing

• Three-way stopcock

• Bandage material and tape

• Manometer, or length of extension venotubing and ruler

• Heparin-saline solution

To measure central venous pressure, the veterinarian or vet-
erinary technician must first place an indwelling intravenous
catheter in the cranial vena cava by way of the external jugular
vein, at the level of the heart’s right atrium (Figure 31).

FIGURE 30—Equipment
Needed to Monitor CVP:
(A) Over-the-Needle
Indwelling Catheter,
(B) Needles and Syringes,
(C) Extension Venotubing,
(D) IV Fluids,
(E) Venotubing,
(F) Three-Way Stopcock,
(G) Bandage Material, (H)
White Adhesive Tape,
(I) Yardstick 
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Once the catheter has been placed, the veterinary assistant
can monitor the central venous pressure using a sterile
manometer. A manometer is a slender tube with calibrations
printed on it for measuring. If a manometer isn’t accessible,
you can use a length of sterile extension venotubing and a
yardstick or ruler as a makeshift manometer.

Step 1: Attach a sterile manometer if available, or use a
12- to 16-inch length of sterile extension venotub-
ing to the center port of a three-way stopcock. With
the animal in lateral recumbency, position the zero
point of the manometer at the level of the animal’s
sternum (Figure 32A).

FIGURE 31—An intra-
venous indwelling
catheter is placed to
monitor CVP. 
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Step 2: Tape the manometer or venotubing and stopcock to
a stationary object close to the animal, such as a
wall (Figure 32B).

Step 3: Position a ruler or measuring tape alongside the
tube to measure the fluid levels (Figure 32C). The
position of the animal and the manometer or veno-
tubing must remain constant for each reading to
obtain an accurate evaluation.

FIGURE 32A—The
manometer should be
level with the animal’s
sternum. 

FIGURE 32B—Tape the
manometer and stopcock
to a wall near the animal. 
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Step 4: Attach a bag of saline and a regular administra-
tion set to one of the side ports of the stopcock.
Hang the bag of fluids above the animal and
manometer (Figure 32D).

Step 5: Attach a 12- to 16-inch length of extension 
venotubing to the other side port of the stopcock 
(Figure 32E).

FIGURE 32C—Place a
ruler next to the tube to
measure fluid levels. 

FIGURE 34D—Hang the
bag of fluids above the
manometer.
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FIGURE 32E—Attach
extension venotubing 
to the other side port 
of the stopcock.

FIGURE 32F—Allow the venotubing
and manometer to fill with fluid,
letting excess fluid run out to
remove any air present in the
tube. 
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Step 6: Allow the fluids to fill all venotubing and the
manometer (Figure 32F).

Step 7: Attach the extension length of venotubing to the
port of the intravenous catheter (Figure 32G).

Step 8: Turn the stopcock off to the bag of fluids. The level
of fluid in the manometer will fall (Figure 32H). The
central venous pressure is equal to the level of the
fluid in the manometer once equilibrium has been
established.

Step 9: To improve accuracy, repeat Steps 6 through 8
three times.

FIGURE 32G—Attach
extension tubing to
intravenous catheter. 
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Remember, it’s important to perform central venous pressure
measurements with the same zero point and the animal in
the same position. A clotted or kinked intravenous catheter
will falsely increase the central venous pressure reading.
Obstruction is the likely culprit if the level of the manometer
doesn’t fluctuate with respiration. The catheter should be
flushed with a heparin-saline solution after each reading to
maintain catheter patency.

The veterinarian will watch the trends of the central venous
pressure and determine whether to increase or decrease the
intravenous fluid therapy.

Since it’s impossible to record them continuously, central venous
pressure measurements are made intermittently. If intravenous
fluids aren’t being administered between central venous pressure
measurements, the intravenous catheter should be flushed with
the saline-heparin solution. Veterinarians favor trends over

FIGURE 32H—Turn the
stopcock off to the bag of
fluid and measure the
drop in fluid level. 
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single measurements when evaluating central venous pressure.
Changes of less than 3 cm of water aren’t significant. Using
the animal’s sternum as the zero point, normal central
venous pressure in the dog and cat varies between 0 and 5
cm of intravenous fluid. If the central venous pressure is 
consistently greater than 8 to 10 cm of intravenous fluid, 
veterinary professionals suspect volume overload, and slow
down or stop fluid administration.

You now know the basics of fluid administration and are
ready to move on to the basics of sample collection and 
diagnostic procedures. But first take a moment to review
what you’ve learned by completing Self-Check 3.



Small and Large Animal Nursing, Part 180

Self-Check 3

1. An intravenous indwelling catheter can be left in place for _______ days, after which it should
be replaced with a new one.

2. True or False?  To properly measure CVP, the zero point of the manometer should be level
with the animal’s sternum.

3. Name the three types of sterile fluid solutions used by veterinary practices.

__________________________________________________________

__________________________________________________________

__________________________________________________________

4. What does a central venous pressure measurement of 11 cm indicate?

__________________________________________________________

5. True or False? Its similar absorption rate makes the peritoneal route of fluid administration 
an acceptable alternative to the subcutaneous route.

6. To administer fluids to cats and small dogs, veterinarians will use either a minidrip set or a
_______, a glass tube with a stopcock attached.

7. True or False? The oral route of fluid administration is the fastest way to treat an animal with
severe dehydration or vomiting.

8. List the three types of intravenous indwelling catheters used by veterinary practices.

__________________________________________________________

__________________________________________________________

__________________________________________________________

(Continued)
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Self-Check 3

9. True or False? An intravenous indwelling catheter should be flushed with heparin-saline 
solution every two to four hours.

10. A dog is receiving intravenous fluids from a 10 drops/ml drip set. To hydrate the dog with
1360 ml of fluid during a 24-hour period, the dog’s fluid should have a flow rate of

a. 8 drops/minute. c. 12 drops/minute.
b. 9 drops/minute. d. 136 drops/minute.

11. True or False? To monitor CVP, the veterinarian will place an intravenous indwelling catheter 
in the animal’s cephalic vein.

12. Lactated Ringer’s solution is an example of a(n) _______ fluid.

13. You’re attempting to infuse a cat with intravenous sterile saline solution and the fluid isn’t
flowing well. Based upon your knowledge of fluid administration, you deduce that the

a. infusion line is too small in diameter.
b. sterile saline solution is too thick to pass through the infusion line.
c. fluid bag is positioned above the level of the infusing vein.
d. needle or catheter has become obstructed.

14. When precise amounts of fluid must be delivered during long periods, a _______ is the 
preferred method of administration.

Check your answers with those on page 130.
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SAMPLE COLLECTION AND DIAG-
NOSTIC PROCEDURES

For animals to be diagnosed and treated effectively, veterinary
professionals need to take samples of body fluids like blood,
urine, and milk. They also perform many diagnostic procedures,
some of which you, the veterinary assistant, can do yourself.
This section prepares you to play a role in all kinds of vital
sample collection and diagnostic procedures.

Performing Venipuncture for Treatment
or Blood Sampling

Venipuncture is exactly what it sounds like: the puncture of 
a vein. Veterinarians and veterinary technicians routinely
perform venipuncture to administer medications and take
blood samples. Your role in venipuncture usually involves
restraining and steadying the animal, and occluding or blocking
the flow of the vein to create a better venipuncture site.

Venipuncture employs the following equipment and supplies:

• Assorted sizes of syringes and needles

• Sponges or cotton balls moistened in 70% isopropyl 
rubbing alcohol

While the equipment is uncomplicated, locating and placing
needles in venipuncture sites can be a challenge. Let’s look 
at the most popular venipuncture sites for each species, the
demands that accompany each site, species, and procedure,
and the roles you’re likely to play and observe.

Cephalic Venipuncture for Dogs and Cats

Veterinary professionals often use the cephalic vein, on the
front surface of the front leg, to collect blood samples from
dogs and cats. Figure 33 shows the location of this vein. 
One advantage of this site is the ease of locating and using 
it. A longhaired animal may require some clipping over the
venipuncture site to disclose the cephalic vein. However, it’s
usually sufficient to wet and cleanse the site thoroughly with
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70% isopropyl alcohol, then part the
hair and introduce the needle directly
through the skin.

If the venipuncture site is the right
cephalic vein, your role as the veteri-
nary assistant is as follows:

Step 1: Stand on the animal’s left
with your left arm under the
animal’s chin to restrict head
movement.

Step 2: Using your right hand, reach
across and grasp the animal’s
right front leg distal to the elbow joint.

Step 3: Using your thumb, occlude and rotate the cephalic
vein so that it lies on top of the outstretched leg.

Step 4: The veterinarian or veterinary technician will use 
a syringe equipped with a small-gauge needle: 
a 12.7 mm, 25-gauge for small dogs and cats; a
19.05 mm, 22-gauge for medium dogs and cats; 
or a 2.5 cm, 20- or 21-gauge for large dogs.

Step 5: The vein is palpated with the index finger. With the
syringe in the opposite hand, the needle is inserted
through the skin at a 20-degree angle and into the
cephalic vein in one motion.

Step 6: The syringe plunger is gently pulled to allow blood
to flow into the syringe.

Step 7: When the necessary amount of blood has been 
collected, release your thumb from occluding 
the vein.

Step 8: The veterinarian or veterinary technician will quickly
withdraw the needle and immediately apply digital
pressure to the venipuncture site to prevent bleeding
or hematoma formation.

If you’re otherwise occupied, the veterinarian or veterinary
technician may perform venipuncture by occluding the vein
with a tourniquet placed just distal to the elbow joint.

FIGURE 33—Location for Cephalic
Venipuncture 
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Jugular Venipuncture for Dogs, Cats, 
Horses, and Ruminants

Another popular site
for taking blood sam-
ples from dogs, cats,
horses, and ruminants
is the external jugular
vein (Figure 34). This
site is especially suit-
able for shorthaired
animals, whose jugular
veins are usually easy
to spot.

If the veterinarian or
veterinary technician is
performing jugular
venipuncture on a dog or cat, your job is to restrain the ani-
mal in sternal recumbency and extend its head and neck.
With cats, it may be helpful to extend the head and neck
with one hand while using the other to grasp the front feet
and extend them over the edge of the examination table.
Unruly cats may require a cat bag or a large towel wrapped
over both front and hind legs.

Rotating the animal’s head slightly often makes the vein easier
to see, as does distending the vein by placing the thumb in the
jugular furrow at the chest inlet. Venipuncture is accomplished
by inserting a small-gauge needle in the direction of the head
into the external jugular vein. Needle sizes are a 12.7 mm,
25-gauge for small dogs and cats; a 19.05 mm, 22-gauge 
for medium dogs and cats; and a 2.5 cm, 20- or 21-gauge 
for large dogs.

Whether a ruminant’s external jugular vein is a suitable
venipuncture site depends on the available restraint and 
the sample size. Your responsibility is to restrain bovines
undergoing external jugular venipuncture with a halter or 
a halter and nose lead. Whenever possible, maintain them 
in a chute or tied to a stanchion.

FIGURE 36—Location for Jugular
Venipuncture 
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Step 1: Draw the head upward and to the side opposite the
venipuncture site.

Step 2: Secure the head in this position by tying the
restraint rope or ropes to a solid area, such as 
the top bar of the stanchion.

Step 3: The veterinarian or veterinary technician will
cleanse the venipuncture site with 70% isopropyl
rubbing alcohol.

Step 4: The vein is occluded by applying digital pressure 
in the jugular furrow. This makes the vein easier 
to see.

Step 5: The veterinarian or veterinary technician will use
his or her opposite hand to push a 14- to 16-gauge,
5 to 7.5 cm needle with one sharp motion through
the skin at a 45- to 90-degree angle.

Step 6: When a flow of blood from the needle signals that
the vein has been entered, the needle is threaded
either upward or downward to the hub.

Step 7: The vein is kept occluded and a syringe is attached
to the needle. The necessary amount of blood is
aspirated.

Step 8: Pressure on the vein is released and the needle and
syringe are withdrawn.

Sheep often have thick wool covering the venipuncture site.
Since it’s often impossible to see a sheep’s external jugular
vein, it’s important to stretch the neck to one side. One
method requires the sheep to be seated on its rump. 

Step 1: Stand behind the sheep and pull it by its forelegs
into your shins until the sheep plops back on its
rump.

Step 2: Place one knee on the ground and stretch the
sheep’s neck over the thigh of the other leg.

Step 3: Hold the sheep’s head firmly.
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Step 4: The veterinarian or veterinary technician will
occlude the external jugular vein.

Step 5: An 18- or 20-gauge, 2.5 cm needle is directed into
the jugular furrow at a 20-degree angle to the skin.

If repeated attempts fail, small pieces of wool can be plucked
from the skin over the jugular furrow until the vein becomes
visible. This method is satisfactory for sheep that can be suc-
cessfully placed on their rump. The same venipuncture
method can be employed on sheep in a standing position
simply by backing the sheep into a corner and keeping it
forced against one side of the pen. The veterinary assistant
stretches the neck by holding the head of the sheep to the
side opposite where the venipuncture is to be performed.

The procedure described
previously for venipunc-
ture of the external
jugular vein in the bovine
can be applied to the goat
(Figure 35). An alternative
location for collection of
blood in the goat is the
cephalic vein. The previ-
ously described procedure
for cephalic venipuncture
in the dog and cat may be
adjusted for the goat.

Routine blood samples
are collected in horses
from the external jugular
vein as outlined for the
bovine. The animal’s tem-
perament will determine
the necessary restraint
you’ll need to use. The
veterinary assistant may occlude the vein while the veterinar-
ian or veterinary technician uses an 18-gauge, 3.75 cm needle
attached to a syringe to collect the sample. The right external
jugular vein (the horse’s right) is used whenever possible in
order to avoid hitting the esophagus, which runs near the
jugular groove on the left side. Turning the head away from the
side of the venipuncture once again ensures that the vein is
stretched and more easily identified.

FIGURE 35—External Jugular
Venipuncture in a Goat 
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Ear Venipuncture for Swine
The ear vein is a common venipuncture site in swine. Again,
teamwork is needed to make this technique successful. 
The ear vein is generally used for collecting small samples
only. Sustained negative pressure on the syringe will collapse
the ear vein wall. The following procedure is used for ear
venipuncture of swine.

Step 1: The veterinary assistant will restrain the animal
with a hog snare.

Step 2: The ear vein is occluded by placing a strong rubber
band or long-jawed forceps encased in rubber tubing
around the base of the ear.

Step 3: The veterinarian or veterinary technician will grasp
the tip of the ear in one hand while holding a syringe
attached to an 18- to 20-gauge, 2.5 to 3.75 cm needle
in the other.

Step 4: The needle is inserted into the ear vein while slight
negative pressure is maintained on the syringe. 
The appropriate quantity of blood is drawn.

The ear vein is also commonly used for intravenous adminis-
tration of medication.

Saphenous and Femoral Venipuncture 
for Dogs and Cats

Other sites that may be used for blood
sample collection in dogs or cats are
the lateral saphenous, femoral, and
medial saphenous veins. While the
femoral vein is an effective puncture
site for obtaining blood from cats, its
loose subcutaneous support makes it
very mobile, and a hematoma may
develop as a result of venipuncture.
Procedurally, blood collection from
these veins is similar to collection
from the cephalic vein in dogs and
cats. Figure 36 shows the location for
saphenous venipuncture.

FIGURE 36—Location for Saphenous
Venipuncture 
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Sublingual Venipuncture for Dogs

The sublingual veins are located superficially under the tongue.
While veterinarians rarely use a dog’s sublingual vein to collect
blood samples, its accessibility makes it appropriate for obtain-
ing a quick blood sample during surgery or for emergency
purposes. You’ll note that the following steps omit the 
rubbing alcohol. That’s because the sublingual vein is one 
of the few veins that doesn’t need to be moistened with 70%
isopropyl rubbing alcohol before obtaining a blood sample. Your
job will be to occlude the sublingual vein at the base of the
tongue before the following procedure.

Step 1: Ensure the syringe is equipped with a small-gauge
needle, such as a 12.7 mm, 25-gauge for small
dogs or a 19.05 mm, 22-gauge for medium and
large dogs.

Step 2: The veterinarian or veterinary technician will insert
the needle through the tongue lining beside the
visualized sublingual vein, then directly into the
sublingual vein in one motion.

Step 3: The syringe plunger is gently pulled to allow blood
to flow into the syringe.

Step 4: The needle is rotated 180 degrees and quickly with-
drawn. Because of the shape of the needle and the
proximity of the vein to the surface, rotating the
needle before removing it helps to minimize blood
loss at the site.

Step 5: Immediately apply digital pressure to the venipuncture
site to prevent bleeding or hematoma formation.
Hematoma formation is much more likely in the
sublingual venipuncture site, so it’s very important
for you to apply adequate digital pressure.

Brachiocephalic or External 
Jugular Venipuncture for Swine

Collecting blood from the brachiocephalic or external jugular
vein has become common for swine. For simplicity, the 
following description will refer only to the brachiocephalic
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vein. The actual venipuncture may be performed through 
one of the jugular veins (since the venipuncture site is close
to the point where the internal and external jugular veins 
join to become the brachiocephalic vein). It will be important
for the veterinary assistant to maintain firm restraint.

Step 1: The veterinarian or veterinary technician will find
the deepest part of the right jugular fossa.

Step 2: Next, a transverse line is visualized through 
the manubrium sterni and shoulders parallel 
to the ground.

Step 3: A second line is visualized from the manubrium
sterni toward the right scapula at a 45-degree angle
to the transverse line. The venipuncture site falls
where the second line crosses the deepest part of
the right jugular fossa.

Step 4: The needle is inserted perpendicular to the ventral
surface of the extended neck. The blood sample is
collected.

Veterinary professionals prefer the right side for this venipuncture
in order to avoid hitting the phrenic nerve or the thoracic duct,
which lie near the external jugular vein. For pigs that weigh up
to 90 kg, a 16- or 18-gauge, 3.75 cm needle is appropriate.
Larger swine may require a 16- or 18-gauge, 5.0 cm needle.

Coccygeal Venipuncture for Bovines

The ventral coccygeal or “tail” vein is a common site for
bovine venipuncture. The animal must be confined to an
area, such as a chute, that prevents sideways motion. The
following procedure is used to perform bovine coccygeal
venipuncture once this confinement is accomplished.

Step 1: Apply tail restraint with one hand by bending the
tail directly forward at the base.

Step 2: Cleanse the venipuncture site with 70% isopropyl
rubbing alcohol.
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Step 3: The veterinarian or veterinary technician will hold
the syringe attached with an 18- to 20-gauge, 2.5
to 3.75 cm needle in the opposite hand. He or she
will insert it at 90-degree angle to the skin on the
midline between the hemal arches of the fourth to
seventh coccygeal vertebrae.

The ventral coccygeal vein can be used for the administration
of small quantities of nonirritating medication. Caustic med-
ications injected into this region can cause vascular damage
and subsequent sloughing of the tail.

Anterior Vena Cava Venipuncture for Swine
The most popular site for obtaining blood samples from swine
is the anterior vena cava. As with brachiocephalic/external
jugular swine venipuncture, veterinarians prefer the right
side for anterior vena cava swine venipuncture in order to
avoid the phrenic nerve and thoracic ducts near the left exte-
rior jugular vein. The animal’s size determines the required
needle. Common sizes are a 2.5 cm, 20-gauge needle for 
pigs up to 11.25 kg; a 3.75 cm, 18-gauge needle for pigs
11.25–22.5 kg; a 5 cm, 17- to 18-gauge needle for pigs
22.5–56.25 kg; and a 6.25 cm, 17- to 18-gauge needle for
pigs up to 117 kg. Animals weighing more than 117 kg
require a 7.5 to 12.5 cm, 16-gauge needle.

You’ll want to restrain small hogs in dorsal recumbency 
with the head fully extended and front legs pulled caudally.
Mature animals are restrained by a hog snare, the head 
held in a straight line with the body and slightly elevated. 
To perform anterior vena cava venipuncture on swine, the
veterinarian or veterinary technician will proceed as follows:

Step 1: Locate the venipuncture site—the right jugular
fossa in a depression just lateral to the anterior
projection of the sternum.

Step 2: Cleanse the venipuncture site with 70% isopropyl
alcohol.

Step 3: Insert the appropriately sized needle, attached to a
syringe, perpendicular to the plane of the neck and
toward the left shoulder. Withdrawal must be slow
to allow time for the blood to travel through the
long needle into the syringe.
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Urinary Catheterization and
Urine Collection Techniques

Recall that urinary catheters are tubes that
are inserted into the bladder to drain urine or
to monitor urine production. As shown in
Figure 37, several types of urinary catheters
available. Also shown is a syringe used to
aspirate urine from the bladder.

The responsibility of placing a urinary
catheter into a patient belongs to the veteri-
narian or veterinary technician. Regardless,
a veterinary assistant must have an in-depth
understanding of what’s involved with placing
and maintaining a urinary catheter. Let’s take
a look at each of these areas.

• Stainless-steel catheters, also called
“bitch” catheters, are used only in female dogs. These
catheters are used only to empty urine from the bladder.
They can’t be maintained for long-term urine monitoring.

• A Foley catheter has a bulb at the end that fills with air
or fluid to keep the tip of the catheter in the bladder of a
female dog. Foley catheters, however, are too short to
reach the bladder of male dogs. They’re available in 
3 French to 10 French diameter and 40 to 75 centi-
meters in length. It can be sutured to the animal for
extended urine monitoring.

• The semi-rigid plastic (polypropylene) catheter, also called a
tomcat catheter, can be used in cats of either sex. They can
be sutured to the animal for extended urine monitoring.

• Flexible rubber catheters (also used as feeding tubes)
can be used on male and female dogs. Sizes are available
in 3 French to 22 French diameter and 40 to 75 centimeters
in length. They can also be sutured to the animal for
extended urine monitoring.

FIGURE 37—Various Types of Urinary Catheters: 
(A) Flexible Rubber Catheter, 
(B) Stainless-Steel Catheter, 
(C) Semi-rigid Plastic Catheter 
(D) Syringe, 
(E) Foley Catheter
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The responsibility of preparing and maintaining the equipment
for urinary catheter placement may belong to you, the veteri-
nary assistant. In addition to the variety of urinary catheters
that will be needed, veterinary practices keep the following
equipment and supplies on hand for urinary catheterization
(Figure 38).

• Sterile speculum with a light source

• Assorted regular syringes and urine containers

• Hair clippers and surgical scrub disinfectants

• Sterile gloves

• Sterile lubricating gel

• Cotton balls

Urinary Catheter Care

The veterinary assistant has the important responsibility of
providing proper urinary catheter care. Even under optimal
conditions, urinary catheterization runs the risk of trauma
and/or infection. Therefore, only sterile catheters in good
condition should even be considered for use. If urinary
catheters are reused, you’ll want to adhere to following 
standard urinary catheter care guidelines:

FIGURE 38—Equipment
for Urinary
Catheterization: 
(A) Urine Collection
Containers,
(B) Sterile Gloves,
(C) Speculum with 
Light Source,
(D) Speculum,
(E) Lubricating Gel,
(F) Syringe,
(G) Light Source,
(H) Hair Clippers,
(I) Cotton Balls 
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• Rinse the urinary catheter immediately after use to prevent
debris, blood, or protein from congealing in the tip.

• Check the tip of the urinary catheter for sharp edges,
especially around the openings. Discard the catheter 
at the first sign of damage.

• Use a large syringe to rinse the urinary catheter with a
mild soap solution.

• Rinse the soap solution from the urinary catheter three
or four times with water (to prevent residual soap from
interfering with urine evaluations).

• Use another large syringe to blow any remaining water
out of the urinary catheter.

• Individually package and label each urinary catheter.

• Sterilize urinary catheters by placing them in an auto-
clave or by using ethylene oxide.

Chemical sterilization of urinary catheters should be avoided
for two reasons. First, chemical solutions strong enough 
to sterilize urinary catheters may also irritate the animal’s
mucous membranes. Second, residual chemicals on the uri-
nary catheter may inhibit bacterial growth in urine cultures,
interfering with urine evaluations.

Male Dog Catheterization

Passing a urinary catheter to obtain a urine sample isn’t 
difficult in most male dogs, but it does require a veterinary
assistant to aid in preparing and restraining the animal. 
The following procedure, illustrated in Figures 39A to 39E, is
used to place a urinary catheter in a male dog.

Step 1: If the dog has long hair, trim the hair at the tip of
the prepuce.

Step 2: Retract the sheath of the penis enough to allow the
end of the penis to protrude (Figure 39A).



Small and Large Animal Nursing, Part 194

Step 3: Cleanse the glans penis with an antiseptic soap
(Figure 39B). Rinse well to remove every trace of
soap residue (which may cause the urine sample 
to appear cloudy, inhibit bacterial growth in the
urine specimen, or destroy the cells).

FIGURE 39A—The sheath
of the penis is retracted. 

FIGURE 39B—The glans
penis is cleansed with
antiseptic soap. 
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Step 4: Open the sterile package of the appropriately sized
urinary catheter (size 4 to 10 French, 45 cm long
with the opposite end adapted to fit a syringe) to
expose only the catheter tip (Figure 39C).

Step 5: Lubricate the distal 2 to 3 cm of the catheter with
sterile lubricating gel (Figure 39D).

FIGURE 39C—The urinary
catheter is opened. 

FIGURE 39D—The distal
end of the catheter is
lubricated. 



Small and Large Animal Nursing, Part 196

Step 6: Place the dog in lateral recumbency, and pull 
forward and flex the hind top leg.

Step 7: The veterinarian or veterinary technician will then
insert the lubricated end of the catheter into the
urethra (Figure 39E). By keeping most of the urinary
catheter in its package, it can be handled without
contamination. (The urinary catheter may also 
be passed with sterile gloved hands or a sterile
hemostat.) The catheter is gently threaded into 
the urethra.

Step 9: Steady but gentle pressure is used to overcome any
resistance (caused by flexure of the urethral canal)
when the urinary catheter reaches the caudal end
of the penis.

Step 10: Watch for a flow of urine at the catheter’s end. 
This flow indicates that the catheter is passing 
the sphincter of the urinary bladder. The first few
milliliters of urine are discarded. Then, 6 to 12 ml
of urine can be collected in a sterile syringe by 
aspiration from the end of the urinary catheter
(Figure 39F).

FIGURE 39E—The lubri-
cated end of the catheter is
inserted into the urethra.
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Step 11: If the urinary catheter is to remain in place for
extended monitoring of urine production, you can
place a tab of adhesive tape around the end of the
catheter (Figure 39G).

FIGURE 39F—Six to 12
ml of urine are collected
by aspiration. 

FIGURE 39G—A tab of
adhesive tape is placed
around the catheter. 
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Step 12: Attach a sterile urinary collection bag to the 
external end of the catheter (Figure 39H).

If no urine flows once the catheter has been inserted as far
as the mark that represents estimated required length, the
veterinarian or veterinary technician will attach the syringe
and aspirate the urine. Make no attempt to exert digital 
pressure on the urinary bladder. This may cause the urinary
catheter to traumatize the urinary bladder wall.

Female Dog Catheterization

The positioning of the female dog’s urethral opening (orifice)
makes her more difficult than a male to catheterize. This 
procedure is also a two-person operation. You’ll be responsible
for preparing and restraining the dog while the veterinarian
or veterinary technician places the urinary catheter.

Female dog catheterization additionally requires a vaginoscope
or an otoscope fitted with a large, sterile speculum equipped
with a light source to visualize the urethral opening. If the
speculum has been stored in a cold-sterilization tray, rinse it
with warm, preferably sterile water. If the speculum has been
wrapped and sterilized in an autoclave, place a small amount
of sterile lubricating gel on its tip prior to insertion.

FIGURE 39H—A urinary
collection bag is attached
to the external end of the
catheter. 



Small and Large Animal Nursing, Part 1 99

To catheterize a female dog:

Step 1: If the animal has long hair, trim some of the hair
from the vulva so that it doesn’t contaminate the
urinary catheter on insertion.

Step 2: Cleanse the lips of the vulva and the surrounding
hair with antiseptic scrub (Figure 40A).

Step 3: Thoroughly rinse the scrub solution from the dog.

Step 4: You’ll want to restrain the animal in a standing
position.

Step 5: The veterinarian or veterinary technician will open
and discard the sterile package of the appropriately
sized urinary catheter and lubricate the insertion
end of the catheter with sterile lubricating gel
(Figure 40B). When catheterizing female dogs, 
it’s easier to wear gloves than it is to pass the
catheter through the packaging.

FIGURE 40A—The lips of
the vulva and surrounding
area are cleansed. 
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Step 6: A speculum is used to visually locate the urethral
orifice on the ventral floor of the vagina approximately
3 to 5 cm (1.5 to 2 inches) inside it.

Step 7: The urinary catheter is passed along the vaginal
floor until it passes through the urethral opening
and into the urinary bladder, approximately 6 to 
12 cm (3 to 6 inches) (Figure 40C).

FIGURE 40B—The end of
the catheter is lubricated. 

FIGURE 40C—Correct
Placement of Urinary
Catheter
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Step 8: The speculum is removed and the catheter is main-
tained in place (Figure 40D). The first 2 to 3 ml of
urine are allowed to flow from the urinary catheter,
then a sterile syringe can be attached to collect 6 to
12 ml of urine. If no urine flows (and the catheter
is definitely in place), urine can be aspirated into a
syringe. As with male dogs, avoid manual compres-
sion on the urinary bladder because it may cause
the catheter to traumatize the urinary bladder wall.

The Finger Identification Technique

An alternative to using a speculum to visualize the urethral
orifice is the finger identification technique. This technique
works best for large-breed dogs. While finger identification
takes a little more practice, some veterinarians and veterinary
technicians find it less awkward than trying to manage a
speculum and a urinary catheter at the same time. This 
technique also requires teamwork to be successful.

Step 1: If the animal has long hair, trim some of the hair
from the vulva so that it doesn’t contaminate the
urinary catheter on insertion.

Step 2: Cleanse the lips of the vulva and the surrounding
hair with antiseptic scrub.

FIGURE 40D—The
catheter is maintained 
in place. 
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Step 3: Rinse the scrub well.

Step 4: Restrain the animal in a standing position.

Step 5: Open the package of an appropriately sized sterile
urinary catheter and lubricate the tip with sterile
lubricating gel.

Step 6: The veterinarian or veterinary technician will 
thoroughly wash his or her hands and put on 
sterile gloves.

Step 7: The tip of the catheter is lubricated with sterile
lubricating gel.

Step 8: The veterinarian or veterinary technician will use 
a lubricated index finger to gently palpate the 
urethral papilla and pass the urinary catheter 
into the urinary bladder.

Step 9: The first 2 to 3 ml of urine are allowed to flow from
the urinary catheter. Then a sterile syringe can be
attached to collect 6 to 12 ml of urine. If no urine
flows (and the catheter is definitely in place), urine
can be aspirated into a syringe. Once again, don’t
try to force urine by exerting digital pressure on 
the bladder.

Male Cat Catheterization

Catheterization of the male cat may require anesthetic, either
an injectable short-acting agent or a rapidly cleared gas
agent. Severely ill cats under anesthesia must be handled
with extreme care. In many cases, sedating the ill cat may 
be all that’s required to accomplish urinary catheterization.

Step 1: The veterinary assistant will place the anesthetized
or sedated animal on its back, with the hind legs
pulled forward.

Step 2: The veterinarian or veterinary technician will draw
the penis from the sheath and gently backward.
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Step 3: A sterile, flexible, plastic or polyethylene urinary
catheter (the tomcat catheter) is passed through
the urethral opening and into the urinary bladder.

Accumulated urethral material may cause a urethral obstruction.
It may be necessary to inject 3 to 5 ml of sterile water or 
sterile saline solution in order to flush out the accumulated
urethral material and pass the urinary catheter.

Female Cat Catheterization

Female cats may be catheterized by use of a plastic, blunt-ended
tomcat catheter. It’s usually necessary to use an injectable
short-acting anesthetic agent or a rapidly cleared gas anesthetic
agent.

Step 1: The veterinary assistant can prepare the cat by
cleansing the lips of the vulva. Restrain the cat in a
sternal position with the hind legs hanging over the
edge of a table. Hold the tail away from the vulva.

Step 2: The veterinarian or veterinary technician will gen-
erally wear sterile gloves to grasp the vulva and
pull it caudally. The lubricated urinary catheter is
passed along the floor of the vaginal vestibule into
the urethral orifice.

Maintaining Indwelling Urinary Catheters

Various indications may prompt a veterinarian to install 
and maintain (for several days) a flexible indwelling urinary
catheter in the urethra and urinary bladder. These reasons
might include a poor urine stream following repeated urethral
flushing, some forms of kidney failure, or large urinary bladders
with poor muscle tone. For animals with these problems, the
appropriate-sized urinary catheter is passed aseptically, then
secured to the skin by sutures attached either to the catheter
or to adhesive tape holding the catheter in place. The urinary
catheter needs to be secure enough not to be dislodged or
removed by the animal’s movements.

Once the urinary catheter is in place in the urinary bladder
and secured, its external end, the part outside of the animal,
is firmly attached to a sterile intravenous infusion line and
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empty fluid bag. This arrangement shields the urinary tract
from the animal’s environment and bacteria therein that
could otherwise enter the urinary bladder.

In a cooperative animal, this closed system can typically 
be well maintained for 24 to 72 hours. Periodically empty
the urine-filled fluid bag or change to another empty fluid
bag. Remember that this closed urinary catheterization
method allows you to measure the amount of urine the 
animal produces in a given time period.

Urinary Bladder Expression

Remember, don’t exert manual pressure on a catheterized
urinary bladder. If the catheter is absent, urine can be col-
lected by the veterinary assistant by expressing the urinary
bladder. This procedure must be done with great care, espe-
cially if there’s an obstruction in the urethra. Excessive
pressure on the urinary bladder may cause it to rupture.

The urinary bladder is located by palpation of the abdomen
with gentle, steady pressure applied. One hand may be used to
express the urinary bladder of cats and small dogs. In larger
animals, it’s often easier to use both hands by exerting gentle
pressure on either side of the urinary bladder. If pressure is
applied to the urinary bladder and no urine flows, urethral
blockage may exist. Another method of urine collection should
be considered.

Cystocentesis

Veterinarians and veterinary technicians frequently obtain
urine specimens from dogs and cats with cystocentesis, a
procedure that removes urine directly from the urinary bladder
through the abdominal wall. This technique is performed 
only when the urinary bladder is sufficiently full to be easily
palpable. The aid of the veterinary assistant is required for
this technique.

Step 1: You’ll want to maintain the dog or cat on its back.

Step 2: Aseptically prepare the skin.
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Step 3: The veterinarian or veterinary technician will 
manually immobilize the urinary bladder by
abdominal palpation.

A 5 to 20 ml syringe with a 22- to 25-gauge, 3.75
to 5 cm needle is inserted through the abdominal
wall and directly into the urinary bladder lumen.

Step 4: As much urine as possible is removed by gentle
suction.

A three-way stopcock may be attached to the syringe and
needle to aid in the removal of extremely large amounts of
urine. Care is taken not to leave a large amount of urine in
the urinary bladder. The intrabladder pressure may cause
urine to leak through the puncture site and into the abdominal
cavity.

Free-Flow Urine Collection for Dogs and Cats

Urine can also be collected during the normal voiding process.
Dogs frequently void when taken outside for a walk. Fashion
a cup holder from a straightened wire coat hanger or a small-
diameter aluminum rod bent into a circle at one end. Place a
urine cup in the circle. As the animal begins to void, slip the
cup into place to obtain the urine sample.

A metabolic cage (a cage on a wire platform over a solid floor
that slopes to a central funnel) can also serve as a urine 
collection device. Place the animal in the cage, then place a
clean container under the funnel to collect any urine that’s
voided.

Since cats like to void in the same place, free-flow urine can
be collected from them without sample cups or metabolic
cages. Place a solid plastic sheet or plastic beads instead of
litter in their litter box. The urine isn’t absorbed by the beads
and can be strained out.

Urine Collection for Cattle

Various stimuli assist the attempt to collect urine samples
from cows and heifers. This reflects the fact that individual
animals seem to respond to different types of stimulation. 
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An often successful method of stimulating a cow to urinate 
is to stroke repeatedly beneath the area of the vulva. Avoid
holding the tail with the other hand. It may distract the animal.

Several pieces of hay or straw can be used to stroke the
vulva. This makes some animals urinate. If these methods
fail, the lips of the vulva can be repeatedly flapped together 
to stimulate urination. It’s best to collect a midstream urine
sample in order to avoid contamination from either vestibule
or vulva.

Urinary catheterization can be easily performed by the veteri-
narian or veterinary technician with a bent metal catheter or
an artificial insemination pipette that has been slightly bent
approximately 2.5 cm from the tip.

Step 1: The veterinary assistant will prepare the patient 
by scrubbing the skin around the vulva and the
lips of the vulva with an antiseptic solution.

Step 2: Rinse at least three times with water containing an
antiseptic solution.

Step 3: The veterinarian or veterinary technician will introduce
a sterile gloved hand into the vulva and slide the 
fingers along the ventral shelf of the vestibule to find
the urethral orifice. The urinary catheter is directed
into the urethral orifice by guiding it with one of the
fingers of the other hand.

Step 4: The urinary catheter is gently advanced until urine
flow indicates that it has entered the urinary 
bladder.

Because of the size of bulls and the danger involved, a bull must
be anesthetized for the veterinarian or veterinary technician
to pass the catheter. The penis is cleaned using the same
procedure as that for male dog catheterization. A stylet
(small probe) is passed with the catheter to keep it stiff as 
it’s inserted into the urethra. The stylet is removed to pass
the catheter over the pelvis and into the urinary bladder.
With the catheter in position, urine should flow into the
catheter. If the urine doesn’t flow freely, it can be collected 
in a sterile syringe by aspiration.
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Urine Collection for Horses

Urine can be collected from a mare much as it is for a cow.
Take care to wrap the tail prior to the procedure to prevent
the tail hairs from entering the vulva. The hair will not only
contaminate the area, but it can also be irritating to the 
sensitive mucous membranes.

Male horses must be catheterized to collect urine, and must
be sedated for the veterinarian or veterinary technician to
pass the catheter. The veterinarian or veterinary technician
will use the same procedure as that used to catheterize a
bull.

Urine Collection for Sheep and Goats

The procedure for catheterizing female sheep and goats is 
the same as that for female dog catheterization. Inserting a
catheter in male goats and sheep is difficult and not recom-
mended because of the animals’ specific anatomy.

Urine can often be collected from the ewe by holding its 
nostrils and its mouth closed. After a short period of time,
the ewe struggles to get air and eventually urinates at the
same time.

You can also collect urine from both male and female sheep
and goats just by waiting until they stand up. These animals
tend to urinate after switching position from lying down to
standing up.

We’ve now covered the urine collection methods you’ll perform 
or assist with as a veterinary assistant. But we’ve by no means
covered all the procedures involving an animal’s urogenital tract.

Reproductive Examination of Horses

Mares experience a host of problems associated with their
reproductive capacity. Infection, inflammation, endometrial
changes, adhesions in the cervix—these are a few of the prob-
lems that may complicate reproduction, problems that make
reproductive examination a necessity for any fertile mare.
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Veterinary practices that perform reproductive examinations
on mares stock the following equipment and supplies:

• Sterile vaginal speculum with a light source

• Sterile plastic sleeves or sterile gloves covering plastic
sleeves

• Guarded culture rods (culture rods shielded from the 
passages they go through) and transport media

• Sterile endometrial biopsy instrument

• Sterile lubricating gel and scrub 
disinfectants

Before going into the procedures veterinarians use to perform
reproductive examinations on mares, let’s look at some of the
issues that make these examinations necessary.

Mare Fertility Problems

Healthy mares have a 70% chance of settling (becoming 
pregnant) per estrous cycle in which they’re bred. Actually,
the conception rate of healthy mares significantly exceeds
70% in the first two weeks of the cycle. However, embryonic
loss bumps the rate back to 70% between day 13, the first
day pregnancy can be easily determined, and day 30. Hence,
we use 30 days to measure the pregnancy rate.

For example, if you have 100 healthy mares and you breed
them all for one cycle, you can expect 70 to settle by day 30
post breeding. Breed the remaining 30 on the second cycle
and you can expect 21 to settle by day 30 post breeding. 
This leaves nine apparently healthy mares still unsettled.
These nine mares could have fertility problems that a vaginal
examination, cervical culture, and biopsy could disclose.

Veterinarians perform vaginal examinations, cervical cultures,
and biopsies on mares to screen for the following conditions:

• Cervical adhesions that make it difficult for the sperm to
enter, or the cervix to seal, after estrus. A manual and
visual examination during estrus usually reveals any 
evidence of cervical adhesions.
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• Bacterial and fungal infections of the endometrium, the
membrane lining the uterus. These are a major cause of
infertility. The condition is diagnosed by scraping tissue
from the endometrium and checking it for increased
numbers of neutrophils, the chief phagocytic white blood
cells of the blood. If the scraping discloses neutrophils,
veterinarians perform a culture of the uterus to determine
the appropriate antibiotic treatment.

• Inability to clear post-breeding infection or post-delivery 
placenta. All mares develop infection in the uterus post
breeding, and every mare should pass her placenta within
four to six hours of delivering the foal. Many subfertile
mares can’t clear out the post-breeding infection or pass
the post-delivery placenta. A healthy uterine clearance
mechanism allows these mares to prepare to receive the
fertilized egg and become pregnant.

• Deficiency of beneficial bacteria as a result of washing
the mare and stallion prior to breeding. This germ-control
measure often creates a fertility problem.

• Poor conformation of the perineum, the area around 
the anus and vulva. In older and more frail mares, the
perineal area tips forward. This allows air, urine, and
fecal material into the vagina, often resulting in uterine
inflammation and infection.

• If diagnostic procedures eliminate these causes of subfertility,
the problem could be the mare’s age. Mares entering
their middle teen years usually begin to show decreasing
conception rates per cycle bred. The problem in older
mares may be the embryo. The mare conceives, but the
defective embryo dies before pregnancy can be detected.
Older mares don’t become completely infertile all of a
sudden. They just require more covers (matings) by the
stallion to become pregnant, or it may take more covers
by the stallion to find a healthy egg to inseminate.

Another possibility exists: if these remaining nine mares were
bred with a single stallion, the stallion may be infertile.
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Preparing the Mare for Vaginal Examination

The mare undergoing vaginal examination must have her 
tail wrapped or covered, and either tied or held to the side 
to keep tail hair from the perineal area. Thoroughly cleanse
the perineal area using white cotton and a scrub antiseptic
solution. Cleanse from the base of the tail ventral to the 
vulvar lips, and at least 7 to 10 cm lateral to the vulvar lips
in both directions. The aim isn’t to sterilize but to cleanse the
area. The white cotton discloses whether or not the area is
clean. Thorough perineal cleansing prevents foreign material
and additional bacteria on the surrounding skin from entering
the vagina and uterus during such vaginal procedures as
examinations, bacterial cultures, cytologic examinations, or
biopsy collections. Figure 41 shows a simplified drawing of
the reproductive system of a mare.

FIGURE 41—The
Reproductive System 
of a Mare
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Mare Cervical and Uterine Cultures

The condition of the cervix and uterus depends upon beneficial
bacteria that colonize the lumen (a cavity or channel within
an organ). Veterinarians can obtain a meaningful bacterial
culture whether a mare is in estrus or not, but cervical and
uterine cultures present problems. It’s difficult to get a culture
swab into the cervix and uterus without exposing swab,
cervix, and uterus to outlying bacteria that can infect the
mare and contaminate the sample. While a speculum and 
a light source can be used for culturing estrus mares, the
procedure risks contaminating the anterior vagina. Once the
speculum crosses the vulvar lips, the vestibular sphincter
permits a rush of external air, which may carry bacteria, 
into the anterior vagina. This air may also carry bacteria 
to the cervix.

Veterinarians use a guarded culture rod when performing
cervix or uterine cultures. A popular guarding method is 
the double-sleeve technique. It’s important that the veterinary
assistant has a clear understanding of these procedures 
to prepare the equipment and the animal and to provide 
adequate restraint. The veterinarian will do the following:

Step 1: Place one plastic sleeve over the hand and arm.

Step 2: Place a culture swab adjacent to that sleeve.

Step 3: Place a second sleeve over the first sleeve and the
culture swab, positioning the culture rod between
two sterile sleeves.

Step 4: Once the finger passes through the cervix carrying
the rod with it into the uterus, push the rod through
the outermost plastic sleeve to obtain a sample
within the lumen of the uterus.

Step 5: Pull the swab back into the culture rod.

Step 6: Lastly, pull the culture rod inside the outermost
plastic sleeve.
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The preferred technique that veterinarians use for cervical or
uterine cultures is as follows:

Step 1: Place a sterile plastic sleeve or a sterile glove covering a
plastic sleeve with lubricant on the back of the hand.

Step 2: Cup the end of the culture instrument in the hand
and pass it into the vestibule and anterior vagina.

Step 3: Use the index finger to locate the exterior of the
cervix and pass a guarded culture rod into the cervix.

Step 4: Pass the guarded culture rod approximately 2.5 cm
past the end of the tip of the index finger.

Step 5: Extend the culture swab from the outer rod and
rotate it against the endometrium so that the cotton
swab absorbs fluid from the lumen of the uterus.

Step 6: Draw the culture swab back into the rod and
remove it from the uterus.

Avoid exposing the culture swab to bright sunlight, particularly
for extended periods. Since the culture swab mustn’t dry out
once the sample is obtained, either immediately culture the
culture swab, or transfer it to a transport media.

Mare Endometrial Cytology

Part of evaluating mares for infertility is endometrial cytology,
the study of the cells in the endometrium. Endometrial cytology
is most successful as a one-person operation, meaning the
veterinarian who obtains the cytologic sample also does the
staining and examination. That’s because the procedure is
geared to detect endometrial inflammation in mares that 
have recently arrived for breeding. If these mares have any
endometrial inflammation, they may need further diagnostic
evaluations before they’re bred. The veterinarian performing
the endometrial cell evaluation needs to determine immediately
whether or not there’s an inflammatory response present.
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Mare Endometrial Biopsy

Because the endometrium undergoes many subtle cellular
and microscopic changes, complete information about a mare
must include results of a third test (in addition to uterine
culture and endometrial cytology). Cultures check bacteria,
and endometrial cytology checks cells for signs of inflammation.
Endometrial biopsy checks the actual tissue for the effects 
of these agents and other factors, helping the veterinarian 
to arrive at an accurate diagnosis and recommendation for
uterine therapy.

Fertility-related endometrial biopsy seeks to examine the
degree of fibrosis (formation of fibrous tissue) or endometrial
lesions, relative to the presence of active inflammation and
the stage of the estrous cycle. The degree of fibrosis affects
the mare’s capability of conceiving and maintaining a foal 
to term. The presence of active inflammation, which may or
may not be related to infection, helps to identify the condition
and a course of therapy. The stage of the estrous cycle helps
to identify subtle changes within the endometrial biopsy sample.
The stage of the mare’s estrous cycle should, whenever possible,
be included with the information that accompanies the endome-
trial sample to the veterinary pathologists who will interpret it.

The indications for endometrial biopsy include

• Mares with palpable abnormalities

• Mares that are barren for any reason or fail to conceive
in the previous breeding season

• Mares whose uterus is returning to normal after removal
of excessive pus or mucus

• Mares with a history of early embryonic death

• Mares displaying no estrous (being in heat) behavior during
the breeding season

• Mares that have undergone extensive genital surgery,
repair of cervical lacerations, perineal lacerations, or 
urethral extension

• Mares presented for a breeding-soundness examination
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• Mares required to be examined as part of a prepurchase
examination if the animal is going to be used as a brood-
mare (a mare kept for breeding)

Mares are prepared for endometrial biopsy much as they are
for uterine cultures. The veterinarian will pass the endometrial
biopsy instrument through the vaginal canal and cervix and into
the uterus just as a culture rod is passed. Once the instrument
is approximately 2.5 cm past the tip of the index finger (which 
is fully inserted through the cervix), the biopsy instrument
opens and is advanced cranially at least another 2.5 cm.

At this point, the veterinarian directs it toward the junction of
the right uterine horn and the body of the uterus. The forceps
are closed and removed, bearing a sample of endometrial 
tissue at the junction of the base of the right horn and the
body of the uterus.

The only exception to this technique is where rectogenital
palpation has identified a specific circumscribed lesion 
somewhere within the uterus, mandating a sample of that
particular area. The biopsy instrument goes in the same way.
However, when its jaws open within the lumen of the uterus,
the veterinarian removes the hand in the vaginal canal. He or
she reinserts it rectally to locate the lesion within the uterine
horn, and places the biopsy instrument on the lesion. Then
the jaws are closed, capturing a sample of the endometrium
over the area of the lesion.

Most endometrial biopsies don’t require this rectal insertion
technique, thus permitting reentry into the uterus as necessary
without contaminating the biopsy instrument or the perineal
area. The endometrial biopsy vaginal insertion technique also
permits artificial insemination and infusion of substances
into the lumen of the uterus without contaminating the 
perineal area.

We’ve now covered the major fertility-related sampling and
diagnostic testing veterinarians perform on mares. The mare’s
male counterpart, fortunately, has only one commonly 
performed procedure associated with reproduction.
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Cleaning the Stallion’s Sheath

The stallion’s sheath should be cleaned just before breeding
and urinary catheterization. Proper cleansing requires that
one veterinary assistant aid in restraining the stallion.
Placing the stallion in a stanchion is helpful.

Step 1: A second veterinary assistant retracts the sheath 
of the penis enough to allow the end of the penis 
to protrude.

Step 2: Cleanse the glans penis with an antiseptic soap.

Step 3: Rinse well with copious amounts of clean water to
eliminate soap residue that can inhibit bacterial
growth and affect the stallion’s sperm quality.

Reproduction, of course, isn’t the only kind of production
that concerns veterinarians. Some of the most important
sampling and diagnosis procedures veterinarians perform
involve quite a different product: milk.

Mastitis and Its Management

Cows are at risk for a serious, sometimes life-threatening
problem: mastitis, inflammation of the mammary gland.
Although mastitis can result from chemical or physical
agents, it’s almost always caused by bacteria that invade the
animal’s udder by way of the teat’s streak canal. The streak
canal is the duct that runs from a ruminant’s lactating sinus
to its exterior. Figure 42 shows a cow’s mammary gland.

Mammary gland tissue is relatively resistant to bacterial
infection, but severe environmental bacterial contamination
of the teat, injury to the streak canal, and malfunctioning
milking machines can cause the udder to become infected.
The udder is especially susceptible to bacterial infection 
during lactation because milk is an ideal medium for bacterial
growth. The teat is thus susceptible to infection each time 
it’s milked.
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Mastitis doesn’t always produce symptoms. The most common
bacterial causes of mastitis in dairy cows that show no signs of
illness are Staphylococcus aureus and Streptococcus agalactiae.
Mastitis with signs of disease may be bacterially caused by a col-
iform, such as Escherichia coli or Klebsiella spp.; streptococcus,
such as Streptococcus agalactiae, Streptococcus dysgalactiae, or
Streptococcus uberis; or staphylococcus such as Staphylococcus
aureus. The bacteria most often associated with gangrenous
mastitis are Staphylococcus aureus and Clostridium perfringens.

The signs of mastitis, if there are any, vary considerably.
Earliest signs include slight watery secretions from the
affected quarter(s) and swelling, heat, and pain in the udder.
Advanced mastitis produces a severely swollen udder and
markedly abnormal milk with clots that may contain blood.

Mastitis caused by bacteria, such as coliforms and staphylococci,
can produce a severe systemic illness and toxic mastitis, whose
symptoms include fever, depression, appetite loss, recumbency,
and death. Gangrenous mastitis causes dehydration, fever,
depression, appetite loss, cold gangrene (blue discoloration 
of one or more quarters), and possibly death. If the animal
survives, gangrenous areas of the udder eventually slough.

FIGURE 42—Mammary
Gland
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Veterinarians treat severe cases of mastitis with systemic
antibiotics. Cows in shock due to toxic mastitis often require
intravenous fluid solution administration and nonsteroidal
anti-inflammatory drugs. It’s important to notify the owner
that the cow’s milk must be withheld during treatment
period. The withdrawal times of antibiotics through the 
cow’s milk vary and are specified by the manufacturer of 
the medications that are cleared for use in lactating cows.

Conducting Mastitis Tests

Mastitis is best diagnosed by examining the mammary gland
for signs of inflammation and abnormal secretion. Veterinarians
test a sterile milk sample from the infected gland for bacterial
culture and antibiotic sensitivity to diagnose the condition
and prescribe the appropriate antibiotic therapy.

Collection Procedures for Milk Cultures 
and Somatic Cell Counts

Veterinary assistants have an important role in collecting milk
samples and performing diagnostic procedures. Milk samples
used for bacterial cultures must be as free of contaminating
organisms as possible. This requires proper milk collection 
techniques.

Standard milk collection protocols are as follows. Use sterile,
disposable plastic or autoclaved glass tubes to collect milk
samples. Employ a waterproof labeling system to identify 
the cow and the quarter tested. Expect increased numbers 
of somatic cells, such as neutrophils and some sloughed
epithelial cells, as part of the inflammatory process. These
increased somatic cells help to determine the inflammatory
status of an individual quarter or herd.

Try to collect milk samples for bacterial culture or for deter-
mination of somatic cell count prior to milking, or at least 
six hours after milking. Take samples for somatic cell counts
after milk letdown has occurred.
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Follow these steps to perform the actual milk collection:

Step 1: Brush loose dirt off the udder (avoid washing with
water, since residual water can contaminate the
milk sample).

Step 2: Express and discard one or two streams of milk
from each teat.

Step 3: Starting with the teats on the cow’s far side (to
avoid contaminating the near side), cleanse each
teat end. Use a separate cotton or cloth gauze 
pad or similar material soaked in 70% isopropyl
rubbing alcohol. Scrub until no visible dirt 
appears on the cotton or gauze pad.

Step 4: Thoroughly dry the end of the teat.

Step 5: Starting with the quarters nearest you, express
milk samples into collection tubes, but be sure to
use minimal pressure.

Hold the milk collection tube so that the cap can be easily
removed without contaminating the tube’s opening. Hold the
cap with the inner surface down. Hold the collecting tube 
as horizontally as possible to minimize contamination. Take
care to avoid touching the collecting tube with the cow’s teat
or your hand. Wash your hands in antiseptic and gloves in
disinfectant between sampling cows. Cool the milk sample
soon after collection. Maintain it in a cool state until it’s
delivered to the diagnostic laboratory. Milk samples not 
cultured immediately should remain at 4° to 5° C and be 
cultured within 24 hours. If the milk samples can’t be 
cultured within 24 hours, they should be frozen as soon 
as possible after their collection.

The California Mastitis Test

Several laboratory tests detect the abnormally high somatic
cell count associated with mastitis, but they offer various
drawbacks: too complicated, too expensive, too long a wait for
results. The California Mastitis Test (CMT) is less definitive
than other tests, but it’s a simple, inexpensive, beside-the-
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cow field test whose results are immediate. The CMT uses 
a white plastic paddle with four shallow cups, one for each 
of the cow’s four quarters. Approximately 2 ml of milk are
tested. This is the amount that remains in each cup when
the paddle is turned to a nearly vertical position. An equal
amount of CMT reagent is added to each cup. A reagent is 
a substance that produces a chemical reaction.

The paddle is gently rotated in a circular motion to mix the
milk and reagent thoroughly. This rotation continues as the
tester interprets the milk-reagent mixture after about 10 
seconds, and certainly no later than 20 seconds, when the
precipitate tends to disappear. Precipitate describes the solid
particles that settle out of a solution. The interpretation of
the CMT has five categories, which are based on the amount
of precipitate formed (Figure 43). Milk from noninfected glands
will test negative. Milk resulting in increasingly positive results
is more seriously infected.

FIGURE 43—Interpretation of California Mastitis Test

INTERPRETATION OF CALIFORNIA MASTITIS TEST

SYMBOL SUGGESTED MEANING DESCRIPTION OF VISIBLE REACTION

N Negative Mixture remains liquid with no evidence of 
formation of a precipitate.

T Trace

A slight precipitate is formed, which is best
seen by tipping the paddle back and forth and
by observing the mixture as it flows over the
bottom of the cup. Trace reactions tend to 
disappear with continued rotation of the paddle.

1 Weak positive

A distinct precipitate forms, but there’s no 
tendency toward gel formation. With some milk
samples, the reactions may disappear after
prolonged rotation of the paddle.

2 Distinct positive

The mixture thickens immediately, and a gel
formation is suggested. As the mixture is
swirled, it tends to move toward the center,
which exposes the outer edge of the cup.
When the swirling is stopped, the mixture 
levels out and covers the bottom of the cup.

3 Strong positive

A gel is formed, which causes the surface of
the mixture to become convex. Usually, there’s
a central peak that projects above the main
mass, even after the rotating of the paddle 
is stopped.
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The CMT reagent also contains a pH indicator, bromcresol
purple. The milk-reagent mixture becomes a dark purple
when the milk is alkaline. Alkaline milk is a reflection of
decreased secretory activity that occurs at drying off or 
as a result of inflammation.

Diagnosing Eye Ulcerations,
Glaucoma, and Dry Eye

There are three tests you, the veterinary assistant, should be
familiar with that help detect eye ulcerations, glaucoma, and
dry eye. These common veterinary ailments can be identified
with the following equipment and supplies (Figure 44).

• Sterile fluorescein-impregnated test strips

• Schiotz tonometer (a device for measuring tension or
pressure)

• Schirmer tear-test strips

• Sterile eyewash and dry cotton balls

FIGURE 44—Equipment
for Diagnosing Eye
Conditions:
(A) Sterile Eyewash,
(B) Fluorescein Test
Strips, 
(C) Shirmer Tear-Test
Strips, 
(D) Cotton Balls 
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Fluorescein Staining

Corneal ulceration is one of the most common eye diseases.
In veterinary practice, every eye causing pain should be
stained with fluorescein dye. This dye is water-soluble and
won’t penetrate intact epithelium. Where the epithelium is
disrupted, however, the exposed corneal stroma (tissue
framework) will stain bright green. The method of staining
with fluorescein is relatively simple and can be performed 
by the veterinary assistant. Sterile fluorescein-impregnated
strips are preferable to fluorescein solutions because solutions
are easily contaminated with debris and infectious agents.

Veterinarians and veterinary technicians use the following
procedure, shown in Figure 45A to Figure 47C, to perform
fluorescein staining:

Step 1: Moisten the fluorescein-impregnated strip with
sterile eyewash (Figure 45A).

FIGURE 45A—The 
fluorescein strip is 
moistened.
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Step 2: Apply the strip directly to the animal’s corneal 
surface (Figure 45B).

Step 3: Flush excess fluorescein stain from the eye with
liberal amounts of sterile eyewash (Figure 45C).

FIGURE 45B—The strip is
applied to the corneal
surface. 

FIGURE 45C—The excess
stain is then flushed from
the eye. 
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Once fluorescein staining detects corneal ulceration, it can
also outline the defect and aid the veterinarian in determining
its depth. A corneal ulcer that retains the fluorescein stain
only along its edges may have penetrated the connective 
tissue layer of the cornea.

Tonometry

The most important diagnostic test for glaucoma in dogs 
and cats measures intraocular pressure with some type 
of tonometry (measurement of tension or pressure). While
intraocular pressures vary slightly among dog and cat
breeds and individuals, the normal range for most dogs
and cats is 12 to 25 mm of mercury (Hg). Pressures should
always be taken from both eyes at the same time for accu-
rate comparison, but the ultimate accuracy of the test
depends more upon the tonometry method.

Digital tonometry, measuring tension or pressure with the 
fingers, places the index fingers against the animal’s globes
(over the upper eyelids) to compare their rigidity and estimate
their relative pressure. This technique is obviously too primitive
to accurately determine intraocular pressure and to monitor
glaucoma therapy.

Applanation tonometry, the most accurate type, measures 
the force necessary to flatten a constant area of the cornea 
by applying a flat disk to its surface. Applanation tonometry
requires expensive equipment and is usually restricted to
specialty practices.

Indentation tonometry uses an instrument called a Schiotz
tonometer to measure the indentation of the cornea. A small,
weighted plunger protrudes through a concave footplate when
placed on the cornea. The plunger is attached to a rocker
arm and a needle that moves across a scale. A calibration
table converts the scale reading to mm of Hg pressure. The
veterinarian or veterinary technician performs this test. You’ll
be responsible for restraining the animal during the procedure.
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Indentation tonometry employs the following guidelines:

• Anesthetize the cornea with a topical anesthetic like
proparacaine hydrochloride.

• Elevate the animal’s head so that the veterinarian or 
veterinary technician can hold the instrument vertically
while resting on the cornea.

• The footplate rests gently on the central portion of the
cornea, avoiding excess digital pressure on the globe. 
An average of three readings is taken.

• If the intraocular pressure is high, the scale reading is
less than 3 and not accurate. Additional weight is added
to the instrument and three more readings are taken.

The Schirmer Tear Test

A decreased Schirmer tear test value is the most important
indicator of keratoconjunctivitis sicca, or dry-eye syndrome,
frequently seen in dogs and cats. The Schirmer tear test
employs prepackaged sterile strips of 0.5 � 35 mm Whatman
no. 41 filter paper. The following procedure, illustrated in
Figure 46A to Figure 46C, is used to perform the Schirmer
tear test.

FIGURE 46A—The sterile
strip is folded and then
inserted over the animal’s
lower lid. 
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Step 1: Wipe excess mucus gently from the eye with a 
dry cotton ball. Don’t use topical solutions, which
may skew the test readings (topical anesthetic, 
for instance, decreases corneal sensation, which
decreases reflex tearing).

Step 2: Fold the sterile strip at the notch at a 90-degree
angle. Insert it over the animal’s lower eyelid, in
contact with the globe (Figure 46A).

Step 3: Leave the strip in place for one minute 
(Figure 46B).

Step 4: Remove the strip. The amount of moisture shown
on the strip will indicate how severe the condition
is (Figure 46C).

FIGURE 46B—The strip
should remain in place
for one minute.



Small and Large Animal Nursing, Part 1126

The normal measurement in dogs and cats is 15 mm or longer.
Five to 15 mm is questionable, and less than 5 mm is consid-
ered a diagnosis of keratoconjunctivitis sicca, or dehydration.

Congratulations! You’ve covered the sample collection and
diagnostic procedures every veterinary assistant should
know. Now take a moment to review what you’ve encountered
in this section by completing Self-Check 4.

At the end of this study unit, you’ll find several practical
exercises to help you apply what you’ve learned. These 
exercises are optional and aren’t required to complete 
your program.

FIGURE 46C—This figure
shows a normal Shirmer
tear-test reading. 

The glossary of this study unit contains many key words that you’ve
just learned as you completed your study unit. Before taking the
examination, be sure to turn to the glossary and review the key words.



Small and Large Animal Nursing, Part 1 127

Self-Check 4

1. Why is the sampling, staining, and examination of endometrial cells best performed by only
one person?

__________________________________________________________

__________________________________________________________

2. The CMT is a procedure designed to detect

a. fibrosis. c. chemical agents.
b. somatic cells. d. abnormal pressure.

3. The purpose of cleansing a mare for vaginal examination is to

a. sterilize the perineal area to prevent bacterial infection of the uterus.
b. keep tail hair from contaminating the perineal area.
c. keep contaminants from entering the reproductive tract during the examination.
d. clear away post-breeding infection in the uterus.

4. You’ve been asked to choose a urinary catheter appropriate for catheterizing a male Burmese
cat. Which of the following catheters would you choose?

a. Stainless-steel catheter c. Semi-rigid plastic catheter
b. Foley catheter d. Flexible rubber catheter

5. The purpose of applying digital pressure after withdrawing the needle at a venipuncture 
site is to

a. prevent bleeding or hematoma formation.
b. occlude and rotate the vein.
c. keep the animal from kicking.
d. prevent infection of the venipuncture site.

6. True or False? The Schirmer tear test is a reliable diagnostic tool for glaucoma.

7. For which of the following venipuncture sites can you omit the 70% isopropyl alcohol?

a. Coccygeal vein c. Jugular vein
b. Cephalic vein d. Sublingual vein

(Continued)
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Self-Check 4

8. When collecting blood from a horse, the (right/left) external jugular vein is used to avoid 
hitting the esophagus.

9. Which type of urinary catheter has a bulb at the end that fills with air or water to keep the
catheter in place in a female dog’s bladder? 

__________________________________________________________

10. Name two things that can cause a cow’s udder to become infected, leading to mastitis. 

__________________________________________________________

__________________________________________________________

11. The most important test for diagnosing corneal ulceration of the eye is _______.

12. True or False? All mares should pass their placenta within four to six hours of giving birth 
to a foal.

13. The part of a cow’s udder through which mastitis-causing bacteria can enter is the _______.

14. A _______ is a device for measuring tension or pressure in the eye.

15. True or False? You should exert manual pressure on a catheterized animal’s bladder to help
urine flow through a catheter more quickly.

Check your answers with those on page 131.
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Self-Check 1
1. True

2. b

3. False

4. An autoclave uses steam under pressure to sterilize
equipment.

5. peripheral edema

6. Any three of the following are correct:

•  Diarrhea

•  Vomiting

•  Complete or partial loss of appetite

•  Difficulty breathing

7. True

8. Two to four

9. True

10. disinfectants

Self-Check 2
1. Rapid absorption and accurate dosing

2. True

3. Potential for inhaling liquid medication into lungs and
potential for animal to spit out medication

4. False

5. paralumbar

6. False

7. False

8. Any four of the following are correct:

•  Regular syringes

•  Pilling forceps
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•  Balling guns

•  Dose syringes

•  Eyedroppers

•  Speculum devices

9. Liquids, tablets, and capsules

10. To hold the animal’s mouth open

Self-Check 3
1. three

2. True

3. Physiologic saline solution, 5% dextrose in water solu-
tion, and extracellular fluid replacement solution

4. A CVP measurement of 11 cm indicates that too much
fluid is being administered, and the administration
should be slowed or stopped.

5. False

6. burette

7. False

8. Winged catheter, over-the-needle catheter, and through-
the-needle catheter

9. True

10. b

11. False

12. extracellular

13. d

14. commercial infusion pump
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Self-Check 4
1. Because the mares being examined are ready for breed-

ing, it’s important for the veterinarian to determine
immediately whether any inflammation is present in the
endometrial cells. This evaluation will determine whether
or not the mares need further evaluation before they can
be bred.

2. b

3. c

4. c

5. a

6. False

7. d

8. right

9. Foley catheter

10. Any two of the following are correct:

•  Severely bacterial contamination of the teat

•  Injury to streak canal

•  Malfunctioning milking machine

11. fluorescein staining

12. True

13. streak canal

14. Schiotz tonometer

15. False
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NOTES



This glossary gives the definitions of all important key
words you’ve just encountered in your study unit. Take 
a moment to study these terms you’ve just learned. Then,
be sure to review these words and their definitions before
taking your examination.

aseptic Free from infection; sterile.

antiseptics Agents that destroy most organisms but can be
used on intact skin.

applanation tonometry Measuring tension or pressure in
the eye using the force necessary to flatten a constant area.

ascites Accumulation of free fluid in the abdominal cavity.

autoclave  A sterilizer that employs steam under pressure 
as its sterilizing agent.

axillary Pertaining to the armpit.

balling gun A device consisting of a short cylinder sufficiently
large enough to contain the average bolus, a hollow stem
containing the rod that connects the handle with the
plunger in the cylinder, and the handle.

bolus A rounded mass of food or pharmaceutical preparation
ready to be swallowed, or such a mass passing through the
gastrointestinal tract.

bromcresol purple A pH indicator of CMT reagent.

burette  A glass tube with a capacity of the order of 25 to
100 ml, with stopcock attachment.

central venous pressure  The amount of blood pressure in
the vein and right side of the heart.

cold gangrene Blue discoloration of one or more quarters.

colic Severe, recurring pain in the colon often caused by
disease or infection.

covers  Matings.

croup Area above the base of the tail.

decubital sores  Bed sores.

digital tonometry  Measuring tension or pressure in the eye
with the fingers.
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disinfectants Agents that destroy disease-producing
microorganisms or inactivate viruses.

drop factor In fluid administration, the number 60 divided
by drops per ml of the administration set to be used.

embolism Obstruction of a blood vessel due to abnormal
particles, such as air bubbles.

endometrial biopsy Removal and examination of tissue
from the endometrium.

endometrial cytology The study of cells in the 
endometrium.

endometrium The membrane lining the uterus.

ethylene oxide A simple cyclic ether sometimes used for
gaseous sterilization.

extracellular  Lying outside the cells.

farrowing crate Cage large enough to hold a swine, but too
narrow to allow it to turn around.

fibrosis Formation of fibrous tissue.

flank Area on the side of an animal between the ribs and the
hip bone.

fluid administration set Collection of vessels that give a
choice of fluid drip rates.

Foley catheter  A catheter with a bulb at the end that 
fills with air or fluid to keep the tip of the catheter in the
bladder.

gastric gavage Stomach tube feeding.

guarded culture rods Culture rods shielded from the 
passages they go through.

hand pilling  Putting a tablet or capsule in an animal’s
mouth in a way that makes the animal swallow it.

hydrotherapy External use of water to treat an injury or
disease.

indentation tonometry Measuring tension or pressure in
the eye using an instrument called a Schiotz tonometer to
measure the indentation of the cornea.
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intraosseous  Within the long bone center.

intraperitoneal  Within the abdominal cavity.

intravenous indwelling catheter A catheter that remains in
a peripheral vein for the duration of treatment.

isotonic Equal in electrolyte concentration (literally “of equal
tension”).

keratoconjunctivitis sicca Dry-eye syndrome.

lumen A cavity or channel within an organ.

manometer An instrument for ascertaining the pressure of
liquids or gases.

manual expression Physical pressure applied to the bladder
to stimulate urination.

mastitis  Inflammation of the mammary gland.

medial  Toward the midline.

metabolic cage A cage on a wire platform over a solid floor
that slopes to a central funnel.

milking parlor A room used to milk cows.

minidrip or microdrip A fluid administration set that 
provides 60 drops/ml.

nasoesophageal tube A small-diameter, soft plastic or 
rubber tube used in nasogastric intubation.

nasogastric intubation The passing of a small-diameter,
soft plastic or rubber tube into the stomach through the
nostril and nasal passage.

necrotic Dead.

neutrophils The chief phagocytic white blood cells of the
blood.

occluding Blocking the flow of.

over-the-needle catheter A needle-stylet combination with
a needle bevel that extends beyond the length of the plastic
catheters.

packed-cell volume or PCV The percentage of the volume of
whole, unclotted blood occupied by the red blood cells in
milliliters per 100 ml of blood.
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paralumbar fossa The area just behind and at the top of the
left ribs.

paralumbar region Area beside the lumbar region, which is
the area on the back between the chest and the pelvis.

patency Accessibility or openness.

perineal  Pertaining to the perineum.

perineum The area around the anus and vulva.

peripheral edema  Fluid collecting under the skin.

peritonitis Inflammation of the membranes lining the
abdominal cavity.

perivascular bleeding Bleeding around any channel in the
body that carries fluid or blood.

phlebitis Inflammation of a vein.

physiologic Conforming to the normal function of the body.

precipitate Solid particles that settle out of a solution.

pulmonary edema Excessive fluid in the lungs.

rate of fluid administration in drops per minute In fluid
administration, the desired ml per hour divided by the 
drop factor.

septicemia Disease-causing bacteria in the bloodstream.

ramus  Verticle, elongated extension, as of the mandible.

reagent Substance that produces a chemical reaction.

Ringer’s solution Sterile solution of sodium chloride, potassium
chloride, and calcium chloride in purified water.

scalding Irritation of the skin caused by frequent wetting
with urine.

scapula Shoulder blade.

sciatic nerve Longest, widest nerve in the body. It extends
down the thigh and into the lower leg and foot.

stanchion A device that fits around an animal’s neck and
prevents forward and backward movement.

sterilization The complete destruction of living organisms.



stopcock A valve that regulates the flow of fluid through a
tube.

streak canal The duct that runs from a ruminant’s lactating
sinus to its exterior.

stroma Tissue framework.

thrombophlebitis  Phlebitis-associated formation of blood
clots.

thrombosis Obstruction of a blood vessel by blood clots.

through-the-needle catheter A catheter enclosing the 
plastic catheter within the center of the needle.

tomcat catheter  A semi-rigid plastic (polypropylene)
catheter that can be used in felines of either sex.

tonometer A device for measuring tension or pressure.

tonometry Measurement of tension or pressure.

toxic mastitis  A form of mastitis whose symptoms include
fever, depression, appetite loss, recumbency, and death.

urethral papilla  A slight elevation in the vestibule of the
vagina at the external orifice of the urethra.

urinary catheters Tubes inserted into the bladder to drain
urine.

venipuncture The puncture of a vein.

winged catheter A catheter with plastic wings at the needle
hub and intravenous tubing extending 8 to 12 inches from
the hub.
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It’s time to have some fun. The following are some hands-on
activities you may want to try to enhance your learning.
These activities are optional. You don’t have to complete
them to finish your program. They’re simply designed to help
you apply your small- and large-animal nursing care knowledge.

1. One of the best learning activities you can do is to visit 
a local veterinary hospital. Talk to the veterinarian and
hospital staff about what you’re doing in this course, and
ask if it would be possible for you to look at the equip-
ment and supplies that they’re using in the veterinary
hospital. Note on the following checklist the equipment
and supplies that you find in the veterinary clinic.

r Balling gun

r Dose syringe

r Weighing scale

r Stomach tubes

r Piling forceps

r Oral speculum

r Nasogastric tubes

r Indwelling catheters

r Infusion fluid pumps

r Syringes for injections

r Needles for injections

r Urinary catheters

r Tracheostomy tubes

r Three-way stopcock

r Fluid administration set

r Fluid solutions

r Pharyngostomy tube

r Blood collection tubes

r Blood collection set

r Blood administration set
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2. At a local veterinary hospital, observe how the various
diagnostic and therapeutic procedures are being done.
Use the following checklist to indicate the procedures
you observed in the veterinary hospital and list the
equipment and/or supplies used in performing each 
procedure. Remember, several visits may be required 
for you to be fully exposed to some of these diagnostic
and therapeutic procedures.

Administering oral medication to a dog or cat:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used.

____________________________________________

____________________________________________

Administering oral medication to a horse:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Administering parenteral injection to a dog, cat,
horse, or cow:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________
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List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Placing a intravenous indwelling catheter in a sick dog:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Administering a fluid solution by the intravenous
route and subcutaneous route to a dog or cat:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Establishing the fluid rate and monitoring of the
fluid administration to a dog or cat:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________
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Performing venipuncture in a dog, cat, horse, and cow:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Passage of a urinary catheter in a dog, cat, or horse:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Fluorescein staining procedure in a dog, cat, or horse:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________



Tonometry procedure in a dog, cat, or horse:

Describe the procedure you observed.

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used. 

____________________________________________

____________________________________________

Schirmer tear test procedure in a dog, cat, or horse:

Describe the procedure you observed. 

____________________________________________

____________________________________________

____________________________________________

____________________________________________

List the equipment and/or supplies used.

____________________________________________

____________________________________________
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